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Summary
Selective ion and solute transport across cell membranes is a vital process occurring in all types
of cells. Evolutionarily developed transport proteins work as membrane-embedded molecular
machines, which alternately open a gate on each side of the membrane to bind and translocate
specific ions. Sodium/proton exchange plays a crucial role in maintaining cytoplasmic pH and
membrane potential, while, if not regulated, the process causes severe heart diseases in
humans. Here I applied single-molecule force spectroscopy to investigate molecular interactions
determining the structural stability of the sodium/proton antiporter NhaA of Escherichia coli, which
serves as a model system for this class of proteins. Mechanical pulling of NhaA molecules
embedded in the native lipid bilayer caused a step-wise unfolding of the protein and provided
insights into its stability. Modified experiments allowed observing refolding of NhaA molecules
and estimating folding kinetics for individual structural elements, as well as detecting eventual
misfolded conformations of the protein.
The activity of NhaA increases 2000fold upon switching pH from 6 to 8. Single-molecule force
measurements revealed a reversible change in molecular interactions within the ligand-binding
site of the transporter at pH 5.5. The effect was enhanced in the presence of sodium ions. The
observation suggests an early activation stage of the protein and provides new insights into the
functioning mechanism. When studying interactions of NhaA with the inhibitor 2-aminoperimidine,
I exploited single-molecule force measurements to validate the binding mechanism and to
describe quantitatively formation of the protein:inhibitor complex. The ability of single-molecule
force measurements to probe structurally and functionally important interactions of membrane
proteins opens new prospects for using the approach in protein science and applied research.
To my family
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1. Integral membrane proteins
1.1. Introduction
Biological membranes confine cells and sub-cellular compartments and form the environment for
numerous processes vital for the cell. Many of those, such as selective transport of solutes, signal
transduction, and energy conversion, are performed or catalyzed by proteins embedded into the
membrane. The high amount and ubiquity* of membrane proteins in cells reflect the diversity of
functions they perform, but it dramatically contrasts with the current poor knowledge on proteins’
structure and functional mechanisms. As structural studies on integral membrane proteins have
progressed slowly, less than 200 resolved architectures are deposited today in Protein Data Bank
(PDB) that is below 1% of the total ~26.000 records. Analysis of available structures suggests
that structural diversity among transmembrane domains is rather small 2, as only two structural
motifs have been observed here: a-helices and b-sheets (Fig. 1.1). a-Helical proteins are widely
distributed in cellular membranes where they serve for active solute transport, receptor
functioning, intercellular communications etc. Membrane proteins with b-sheet structures are
found in outer membranes of Gram-negative bacteria, mitochondria, or chloroplasts (for recent
reviews see Refs. 3-5).
Limited diversity within known crystal structures suggests that the hydrophobic environment of the
lipid membrane core puts strict restrictions on protein architecture 6, 7. While polar and charged
residues cluster within extramembrane domains, sequences of 20-25 non-polar amino acid
residues such as isoleucine, valine, and leucine form a-helical domains that normally protrude the
whole bilayer 8. Shorter segments or non-structured loops are not energetically favorable within
the membrane core. Instead of that, local structural deviations such as kinks, unwound regions,
or Pi-interactions are widely observed within transmembrane domains and their importance for
tertiary interactions and protein functioning have been repeatedly shown 8. Hydrophilic
extramembrane loops between transmembrane domains are crucial for proper protein folding and
also for regulating protein activity, as they serve as sensors for environmental changes or as
recognition domains 8.
Numerous difficulties faced upon handling and preparation of membrane proteins for in vitro
studies made them a “wild west” of structural biology until the last decade. Overexpression of
                                                 
* Genes encoding membrane proteins comprise 25-30% of genome of every cell, from bacteria to
human 1.
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Figure 1.1. Major structural motifs of transmembrane proteins. (a) Light-driven proton pump
bacteriorhodopsin (bR) from H.salinarium membrane contains 7 transmembrane a-helices
connected with relatively short extramembrane loops 9; PDB ID 1S51. (b), Outer membrane
protein F (OmpF) of E.coli is built by 16 antiparallel b-strands 4; PDB ID 1BT9. A central pore
serves for non-specific transport of molecules up to molecular masses of ~600 Da.
functional membrane proteins for further investigations often appears to be a very first stone on
the experimental road, since enhanced protein production can be toxic for the hosting cell 10. As a
result, either the expression is suppressed, or the target protein does not reach the membrane
and forms insoluble inclusion bodies. Once the protein is expressed at a satisfactory level,
problems in handling it upon solubilization and purification steps are commonly faced. Membrane
proteins are highly sensitive to detergents used 11, which might lead to undesired aggregation
here or when reconstituting the protein into the lipid environment (micelles, proteoliposomes, two-
dimensional crystals). Meanwhile, contacting polar solvent, such as water, is highly non-favorable
for membrane proteins, which are rich with hydrophobic aa side chains 6. Their exposure leads to
ordering of surrounding water molecules into clusters that is associated with a dramatic decrease
in entropy. Hydrophobic interactions, or the hydrophobic effect, also determine folding of globular
proteins 12, but a striking difference between water-soluble and membrane protein structures
should be noted here: While folded globular proteins bury hydrophobic residues within the core,
transmembrane proteins tend to expose their hydrophobic side chains to the lipid environment,
but bury polar ones!
While waiting for high-resolution structural information, other biochemical and biophysical
approaches are commonly applied to unravel functioning mechanisms of membrane proteins 13, 14.
As it was shown for lactose permease (LacY) 15, 16, a sugar transporter from Escherichia coli
(E.coli), this strategy can bring highly detailed insights into the studied object 17. Combining site-
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directed mutagenesis or cystein screening 18 with functional assays allows revealing not only
residues essential for the protein functioning, but also orientation of transmembrane domains,
interactions in between, and, finally, conformational changes upon the protein functional cycle 17.
At the same time, many conventional techniques have demonstrated only a limited potential when
applied to membrane proteins. For instance, measurements of protein stability generously
provide information on thermodynamics of interactions within globular proteins, ligand-binding
processes, and folding pathways 19. However, initial studies on integral membrane proteins have
showed that the conventional approach lost most its efficiency 20, 21: Being stabilized by
hydrophobic interactions within the bilayer core transmembrane domains are extremely resistant
to high temperatures or chemical denaturing agents, such as urea or guanidinium chloride,
resulting in a poor experimental outcome 22. Furthermore, the non-polar membrane environment
altered the performance of proteins in spectroscopic experiments, so sophisticated algorithms are
required for reliable data analysis 23, 24. Apparently, studying membrane-embedded interactions
essential for protein structure and functioning has posed a challenge for existing biophysical
approaches 13, 24-26 and summoned for new experimental techniques to be involved in the
research. In the following, I will overview current problems in structural biology of membrane
proteins, as well as some fascinating experimental and theoretical advances. On the example of
the bacterial sodium/proton antiporter NhaA 27 I will demonstrate novel applications of single-
molecule force measurements to study interactions that determine membrane protein structure
and functioning.
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1.2. Membrane protein folding
1.2.1 Advances in protein folding
The last two decades have seen significant advances in understanding the problem of protein
folding 28. Progress was achieved through successive application of experimental techniques as
X-ray crystallography, electron microscopy (EM), Forster resonance energy transfer 29, 30, infra-red
spectroscopy 31, and, at last, but not the least, nuclear magnetic resonance (NMR) 32, 33. When
combined, the techniques allow conducting comprehensive studies that provide information on
spatial protein structure and its conformational dynamics with nano-second time resolution.
Conventional methods as circular dichroism spectroscopy 34, 35, fluorescence spectroscopy 36-38
and calorimetry 39-41 have been widely applied to follow structural transitions in water-soluble
proteins and study the thermodynamics behind. Rapid accumulation of experimental data
together with intensive modeling of protein dynamics 42 have resulted in highly advanced theory of
forces that drive folding and determine structure of water-soluble proteins 43, 44.
In the late 90s of the last century Ken A. Dill introduced an elegant approach to describe protein
structure and dynamics 45-47. Every conformation acquired by the polypeptide chain is related to
its free energy value: the sum of hydrogen bonds, ion pairs, torsion angle energies, hydrophobic
and solvation free energies, etc. Plotting the free energy as a function of degrees of freedom
builds a multidimensional energy landscape explored by the polypeptide chain. As free energy
reduces during folding, the final state should be characterized by the energy minimum and
corresponds to the deepest valley in the landscape (Fig. 1.2). Intuitively, the polypeptide chain
avoids blind screening of all possible conformations, as its “motion” within this funnel-shaped
landscape is directed towards the folded state by the energy gradient. At the same time individual
molecules can achieve the final state via different routes (colored lines in the Fig. 1.2). As the
total number of possible routes is infinite, this current view on protein folding does not consider
specific pathways, as the molecule is free to choose any route to the final conformation, like
“water flowing along different routes down mountainside can ultimately reach the same lake at the
bottom” 45. Local energy minima passed on this way describe meta-stable intermediate
conformations of the polypeptide chain, which are often observed in experiments 48. Being
trapped between energy barriers the molecule needs certain activation energy to leave the
intermediate state that determines the folding kinetics.
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Figure 1.2. Energy landscape of a
polypeptide chain.  The unfolded
polypeptide chain is described with the
highest free energy due to extensive
contacts with the solvent. Minimization of
the free energy is a determinant force for
folding into the specific compact structure.
On its way to the final conformation the
molecule can follow any pathway within the
landscape (colored lines). The image is
courtesy of the K.A. Dill lab (Internet:
www.dillgroup.ucsf.edu).
1.2.2. Models on membrane protein folding
In contrast to water-soluble proteins, folding studies on integral membrane proteins have been
developed far less intensively. It is generally anticipated that folding and membrane insertion of
membrane proteins in vivo are controlled by complex molecular machinery, so called
translocon49. The structure of the archaebacterial protein-translocating channel SecYEG 50 and
intensive functional studies on bacterial and eukaryotic homologues have recently led to a
breakthrough in understanding molecular mechanisms that promote integration of membrane
proteins into the lipid bilayer 51-53. When assembled within the membrane, the oligomeric
translocating channel builds a central hydrophilic pore of a few ten Å in diameter that ends with a
ribosome-binding site exposed to the cytoplasm. A nascent polypeptide chain of a membrane
protein is expressed with a short signaling peptide at the N-terminal end that targets the
polypeptide-ribosome complex to the translocon. When bound the ribosome caps the translocon
pore from top 53, 54, so the nascent polypeptide chain is inserted into the pore. The geometry of the
translocon allows partitioning of about 20 aa residues, that is sufficient to build a single
transmembrane domain. After the pore is loaded with a hydrophobic polypeptide segment, it is
assumed to open laterally and to expel the polypeptide into the membrane. When transferred into
the hydrophobic environment, the polypeptide rapidly folds to establish hydrogen bonds between
distant peptide bases and to expose non-polar side-chains to lipids 6. As a result the polypeptide
chain segment acquires the familiar helical motif. Subsequent insertion of all transmembrane
domains of the protein occurs in a similar way, while hydrophilic regions of the polypeptide chain
are left on either side of the lipid bilayer to form extramembrane loops.
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The translocation mechanism stays in the major focus of membrane protein folding studies in vivo
and in vitro. Meanwhile, other investigations have been aimed to characterize molecular
interactions within membrane proteins that govern folding and maintain the functional
conformation of the protein 55, 56. For this purpose the experiments have been performed on
purified proteins in amphiphilic environment that mimicked the native lipid bilayer. Only a handful
of membrane proteins have been traditionally considered as model systems for these
investigations. Among those are bacteriorhodopsin (bR) 57, diacylglycerol kinase (DGK) 58, and
glycophorine A (GpA) 59, as well as short synthetic polypeptides 60. First studies of J.-L. Popot and
D.M. Engelman showed that unfolded bR molecules were able to recover their activity in absence
of denaturing agents, i.e. the molecules acquired their native state spontaneously, without
assistance of the translocon 61. Further research resulted in the first general model of membrane
protein folding proposed in 1990 62. The model splits the folding process into two subsequent
steps: (i), folding/insertion of individual a-helices (or helical pairs) into the membrane and (ii), their
lateral association resulting in a functional structure of the molecule (Fig. 1.3a). The first stage
does not imply interactions between structural domains, which can be considered as independent
stable units. On the second stage interactions between these domains are established within the
molecule, so the tertiary structure is formed. A co-factor binding, formation of structured loops,
and the protein oligomerization have been lately referred to as a third folding stage 63. Despite
being the simplest approximation of the process, the model successfully describes most
experimental data on membrane protein folding, both in vivo and in vitro. Indeed, individual
domains of a nascent protein leave the translocon complex independently to form lately the final
protein structure within the surrounding membrane. Experiments on bR and LacY have shown
that fragments of these membrane proteins are able to refold spontaneously and then to
associate within the membrane in functional structures 61, 64. Later experiments on GpA and
synthetic peptides allowed first insight into the mechanism of interactions between
transmembrane domains, which determine tertiary and quaternary protein structure. Short
peptide motifs Gly-X-X-X-Gly or Ala-X-X-X-Ala were originally shown to promote association of
the domains within the lipid core 59. Other experiments, however, suggested that strong bonds
between charged/polar side chains may govern tertiary contacts 65, so this folding stage is still
under intensive debate.
In 1999 W.C. Wimley and S.H. White summarized experimental data on folding processes and
proposed an advanced consideration of folding thermodynamics 6. Their four-step folding model
includes: (i), partitioning of the polypeptide chain into the membrane interface, (ii), folding of a-
helices, (iii), insertion into the bilayer, and (iv), association of transmembrane domains (Fig. 1.3b).
Since the process is spontaneous, each step is associated with a decrease in free energy of the
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“polypeptide chain–solvent–lipid bilayer” system. The hydrophobic effect is recognized as the
major driving force at every folding step and as the stabilizing factor for the folded protein.
Measurements of transfer energies for individual amino acid residues for transitions from water to
non-polar environments, such as carbon tetrachloride, octanole, or 1-palmitoyl 2-oleoyl
phosphatidilcholine lipids resulted in the hydrophobicity scale that describes propensity of
different residues to promote membrane protein folding 66, 67. Isoleucine residues are
characterized by the highest hydrophobicity (DG=-0.6 kcal/mol) and placed at one end of the
scale opposite to aspartates, which require partitioning energy of DG=+3.5 kcal/mol. Remarkably,
the transfer energy benefit calculated for individual transmembrane a-helices lays in the range
10-20 kcal/mol, that is the typical stabilization energy for small water-soluble proteins. Presence
of polar/charged residues within the helix may result in a marginal hydrophobicity insufficient for
membrane insertion. If the hydrophobicity of the neighboring helix is high enough to compensate
partitioning of those residues, two domains can insert together as a properly folded helical pair.
Steitz and Engelman were the first who considered helical pairs or hairpins as important folding
elements in 1981 68, and later in vitro and in vivo studies 69-72, as well as molecular dynamic
simulations on membrane protein folding validated the hypothesis 73.
Figure 1.3. Membrane protein folding models. (a), Two-stage model was proposed in 1990 62,
and it was lately developed into three-stage model that accounts for folding of extramembrane
domains, interactions with co-factors and oligomerization 63. (b), Four-stage model is based on
experiments and modeling of folding thermodynamics 6.
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1.2.3. Membrane protein misfolding
The “new view” of folding does not rule out the existence of different structural states of a protein,
which are associated with deep energy minima, although only one comprises the functional
form45. Moreover, experimental studies demonstrated that many globular proteins change their
folding pathways and form non-functional structures at certain conditions 74, 75. These misfolded
proteins often acquire the non-specific b-fold and build large macromolecular complexes known
as amyloides 76, 77. Misfolded forms of proteins are often pathogenic and, when accumulated, they
lead to a range of severe diseases 78. The effect of misfolding is often associated with littering the
cytoplasm with aggregated polypeptides, or with insertion into the cellular membrane to violate its
structure and functioning 79. In parallel, membrane proteins themselves can form malfunctioned
conformations 79. The well-studied cystic fibrosis transmembrane conductance regulator (CFTR)
requires a single deletion of Phe-508 residue to alter helix-helix interactions and to abolish the
vital chloride transport 80, 81. Over 90 different point mutations of the vision receptor rhodopsin
have been associated with retinitis pigmentosa 82, an inherited retinal degenerative disease. In
vivo and in vitro studies showed that mutations of polar residues within transmembrane domains
could affect hydrogen bonds within the tertiary structure and result in a misfolded conformation 83.
In reverse, introduction of non-native polar residues in the structure may induce strong
interactions between domains. Established bonds serve as electrostatic cross-links that impede
lateral motion of helices thus affecting the protein flexibility and functioning 84.
Sequence modifications are not the only factor that determines the final conformation of
membrane proteins. As shown for CFTR protein, only ~50% of synthesized molecules acquire a
proper fold within the plasma membrane in vivo 85. Intensive multidisciplinary studies on
membrane proteins evidently demonstrated that the folding efficiency could be influenced by
various external factors, and both the hydrophilic and hydrophobic environment of the polypeptide
chain may determine its fate 86. Variations in “cytoplasmic” conditions such as ionic strength,
solvent composition, or pH, as well as lipid content of the membrane and temperature can
dramatically change the final conformation of the protein 87-90. In contrast to mutations,
environmental factors are more probable to result in non-specific misfolding and aggregation.
These non-functional conformations must be recognized by the quality control system of the cell91
and subjected to proteolysis when proteasomes “shave” cytoplasmic loops marked with ubiquitine
and translocon machinery extrudes transmembrane domains 92.
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1.3. Na+/H+ exchange
1.3.1. Mammalian Na+/H+ exchangers
The unique architecture of cellular membranes ensures that multiple functions and processes can
be successfully conducted both on membrane surfaces and within the hydrophobic core. Polar
heads of lipid molecules form a wide interface region of a lipid membrane interacting with
surrounding water, ions, and polar molecules via hydrogen bonds. After diffusing ~15 Å into the
membrane core, charged particles discover a non-permeable barrier formed by hydrophobic acyl
chains of lipid molecules 93. Neutral polar molecules, such as water or urea, can diffuse through
the bilayer, however their motion is slowed. Impermeability of the non-polar core has its functional
implications, as it allows the cell to maintain the volume and cytoplasmic concentrations of ions.
Importantly, the membrane is also impermeable for protons, so a pH gradient can be established
between opposite sides of the bilayer. The role of the intracellular pH cannot be overestimated,
as it affects every process involving polyelectrolytes, such as DNA, RNA, or polypeptide chains
that are fundamental for the cell life cycle.
One of the ubiquitous pathways to regulate the intracellular pH is a sodium/proton exchange
performed by transport membrane proteins. First evidences for the existence of mammalian
Na+/H+ exchangers NHE were provided three decades ago and several NHE isoforms have been
discovered and cloned in mammalian cells since then 94. The exchanger can be described as a
membrane-embedded molecular machine that alternately opens a gate on each side of the
membrane to bind and translocate specific ions. Upon the NHE functional cycle a sodium ion
enters the cell through the channel following the electrochemical gradient, while a proton is
actively extruded (Fig. 1.4a). Since the exchange does not require metabolic energy it is referred
to as secondary active transport. The transport is electroneutral, as one proton is exchanged for
one sodium ion. Similarly to ion channels, Na+/H+ exchangers are characterized by extremely fast
turnover of 104-105 ions per second that is much higher than turnovers of many other transporting
proteins 95.
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Figure 1.4. Na+/H+ exchange in cells. Transmembrane proteins NHE (a) and NhaA (b) perform
Na+/H+ antiport in mammalian and bacterial cells, respectively. The transport may be
electroneutral (NHE) or electrogenic (NhaA). The proteins utilize different electrochemical
gradients; bold arrows show driving ion fluxes.
A first isoform of mammalian Na+/H+ exchangers, NHE1, was discovered in 1989 and
characterized as a ubiquitous membrane protein of plasma membrane 96. In following years the
NHE family has been growing, and NHE9 was discovered in late 2005. Except NHE1, other
homologues demonstrate higher specificity to certain tissues or cell organelles: NHE2, NHE3,
NHE4 are localized in kidney and intestine, NHE5 – in brain neurons, and NHE6 to NHE9 can be
found in recycling endosomes and the Golgi-network 94. Being highly homologous, these proteins
share the same transport mechanism and protect cells and compartments from acidification.
Remarkably, NHE1 is the only isoform in the family that is ubiquitously expressed and the
predominant isoform expressed in the myocardium. The protein is shown to be involved in
myocardial ischemic and reperfusion injury in humans, and it persistently stays in focus of
biomedical and pharmaceutical research 97, 98. Theoretical considerations supported by early
experimental studies also suggest that NHE1 might play a role in a heart failure process 98. The
exchanger works in a close interaction and a subtle balance with other Na+-translocating proteins,
i.e. Na+/K+-ATPases and Na+/Ca2+-exchangers. Since ischemic cells are subject of acidosis, the
pH-dependent activity of NHE1 increases, as well as the protein expression level. Furthermore,
ischemia cell metabolites, such as hydrogen peroxide and lysophosphatidylcholine, also enhance
the activity of the protein. In contrast, the activity of the Na+/K+-ATPase is inhibited, so Na+ ions
transported into the cytoplasm by NHE cannot be efficiently extruded. To reduce sodium toxicity
the cell activates Na+/Ca2+ exchange and it in turn increases the intracellular calcium level
resulting in the cell injury.
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1.3.2. Na+/H+ exchangers as targets for pharmaceutical therapy
Being located on the cell surface and taking part in different metabolic and signaling pathways,
membrane proteins are generally anticipated as major drug targets in modern pharmaceutics.
About three-quarters of all drugs available on the market today act on ~5% of known membrane
proteins, and it is predicted that two of three new drug targets in future will be membrane proteins
99. As detailed structural information is lacking on most membrane proteins, no mechanism of
small molecule binding can be predicted a priori. Instead of that, modern drug development
requires an elaborate screening through synthesized compounds to gasp those singles with a
desired functional effect. In parallel the bioinformatics analysis may provide with the information
on structural similarities between proteins 100, 101 and give hints on inhibition mechanisms. Several
experimental techniques have been established so far to assess binding of small molecules to
membrane proteins. Along with crystallography those are EM 102, analytical centrifugation 103, and
NMR. Solid-state NMR is a rapidly emerging technique to study ligand-receptor interactions and
docking of small molecules within large membrane proteins (for recent reviews see 104, 105).
Together with EM it allows reconstructing the structure of protein-ligand or protein-inhibitor
complexes at sub-nanometer resolution. Besides structural techniques various thermodynamics
and kinetics approaches have been exploited to quantify interactions of membrane proteins with
small molecules, such as surface plasmon resonance 25 or stopped-flow techniques 106.
Since the important role that the Na+/H+ exchange plays in ischemic heart disease and
reperfusion has been recognized, it is in focus of modern medical and pharmaceutical studies. A
perspective approach to prevent cell intoxication with Na+ or Ca2+ is to modulate NHE1 activity
and to inhibit Na+ influx 98, 107. Initial studies 96 showed that NHE1 activity is highly sensitive to
amiloride, a small diuretic drug containing a guanidine group (Fig. 1.5). The drug is characterized
by high affinity to NHE isoforms, and its half maximum inhibitory concentration (IC50) is less than
0.1 mM. Amiloride and its numerous derivates 108 serve as competitive inhibitors for many Na+
exchangers and channels, but only general ideas on the binding mechanism have been
proposed. The geometry of the guanidine group mimics a Na+ ion solvated with three water
molecules (Fig. 1.5). Hence the group can target the inhibitor molecule to the Na+-binding site of
the protein. A role of a heterocyclic pyrazine moiety is not clear. Countless modifications of this
hydrophobic part have been performed by pharmaceutical chemists aiming to retain high
specificity of a potent drug and to reduce possible side effects 108.
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Figure 1.5. NHE substrates. Structure of a Na+
ion solvated with three water molecules (a). A
guanidine group with a radical R (b) mimics the
geometry of solvated Na+ ion. Amiloride molecule
(c) containing a guanidine moiety (encircled) is
targeted to the substrate-binding site of a
sodium/proton exchanger to inhibit transport
activity.
1.3.3. NhaA, a paradigm for ion transporters
Since Na+/H+ exchange is a process common for all types of cells, multiple families of these
transporters have been discovered in organisms from bacteria and yeasts to mammals. In many
cases sequence homology between these proteins is barely fading, and no similarity for long
sequences is observed for distantly related Na+/H+ exchangers 109, 110. However, certain
conserved residues and short motifs are detected within this class. It has been suggested that a
relatively small number of conserved aa residues may be sufficient to carry out and regulate
Na+/H+ exchange, even when they are dispersed throughout the protein, but brought together
within the tertiary structure 110. Side chains of these residues may contribute to the cation-binding
site and co-ordinate ions upon translocation. Thus, it is likely that Na+/H+ exchangers from
different organisms possess a certain similarity in functional mechanisms. All information
obtained on a relatively simple bacterial system can give hints on the organization and functioning
of advanced offsprings in human cells.
Na+/H+ antiporter A (NhaA) from the inner membrane of E.coli 111 has been in focus of continuous
functional and structural investigations for the last 15 years (for recent review see Ref. 27) and
today it represents the best studied ion-transporting protein. In contrast to mammalian Na+/H+
exchangers, NhaA utilizes the energy stored in the transmembrane proton gradient to extrude
sodium or lithium ions from the cell. The ion transport is electrogenic, as two protons are
exchanged for one Na+/Li+ ion per cycle (Fig. 1.4b). The protein is characterized by the high
affinity to the substrates, Km=0.5 mM for sodium, and Km=0.05 mM for lithium, and the ultra-fast
turnover of 89.000 min-1 111. In the cell membrane NhaA is suggested to form dimers 112, 113, but it
should be still answered what the functional unit is.
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Only very recently the crystal structure of NhaA was resolved using X-ray crystallography 114 (Fig.
1.6). In agreement with earlier predictions 115, NhaA consists of 12 transmembrane a-helical
domains, and both its termini are exposed to the cytoplasm that builds a common structural motif
for membrane transport proteins 116. However, there is a striking difference in the spatial
organization of protein domains between NhaA and many other transporters. Transmembrane
domains of the NhaA monomer do not form the pseudo twofold symmetry and thus contrasts
proteins of the major facilitator superfamily, such as LacY 15 and glycerol-3-phosphate transporter
GlpT 117. The size of NhaA a-helices varies between 14 and 29 aa residues and the longest
helices III, IX, and XII are tilted within the bilayer 114. Helices III, IX, and X host kinks and helices
IV and XI are partly unwound in the center. The functional importance of residues here has been
shown in studies of NhaA mutants, and the crystal structure proved that helices IV, V, and XI form
the ligand-binding site of the transporter. It is evident that the ion transport occurs through the
channel within the asymmetric NhaA monomer, but not in the monomer-monomer interface, as
was observed for several other transporters 118-121. On both cytoplasmic and periplasmic sides of
the membrane NhaA helices build cone-shaped funnels and expose their polar residues to the
solvent 122. This forms a pathway to the binding site for monovalent cations Na+/Li+ and protons.
The funnels meet in the center of the NhaA molecule, where de-protonated aspartic residues
Asp-163 and Asp-164 (a-helix V) interact with cations 123.
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Figure 1.6. NhaA structure. (a), Amino acid sequence and secondary structure of NhaA.
Numbering of a-helices is given above. (b, c), Cytoplasmic and side view on NhaA demonstrate
its highly asymmetric spatial structure. The structural information was taken from PDB, ID 1ZCD.
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1.3.4. Regulation of the Na+/H+ exchange
To ensure the proper functional response and adaptation to environmental changes cells have
evolutionarily developed various mechanisms that regulate activity of transport proteins. The
regulation might occur on a gene expression level, when the transport activity is enhanced due to
synthesis of new transporting molecules. Alternatively, it can be regulated on a protein level that
suggests activation of existing transporters, e.g. via a conformational change. In case of NhaA
both mechanisms take place 27, 124 (Fig. 1.7). Increase in the cytoplasmic Na+ concentration
enhances transcription of nhaA gene being regulated by a Na+-sensitive protein NhaR 125. While
the intracellular Na+ concentration is the dominant factor here, variations in the cytoplasmic pH
and ionic strength can also modulate the gene expression level. On the other hand, NhaA
molecules embedded into the inner membrane of E.coli react sensitively to changes of the
cytoplasmic pH (Fig. 1.7, dashed box). NhaA molecules reconstituted in inside-out
proteoliposomes demonstrate a rapid activation when pH is changed from 6.5 to 8.0 111. The
intensity of the active Na+ transport increases 2000fold that suggestes that NhaA molecule hosts
a pH-“sensor” 126. Both described regulatory mechanisms must be important for the cell, but
changes in expression require longer response time. Evidently, functional activation of existing
molecules is supposed to play a crucial role for cell survival upon sudden environmental changes.
The mechanisms behind the activation are worth detailed studying. Since activity of NHE proteins
is also pH-dependent 95, the mechanistic insights made on bacterial model system might be
useful for further studies on mammalian transporters.
As described, a-helices IV, V and XI build the ligand-binding site 114 that can be accessed by
small non-solvated cations Li+ and Na+, but not K+. Helix V is highly hydrophobic (isoleucine
content ~30%) and is flanked by aromatic residues Phe-155 and Phe-174 on both sides (Fig.
1.6a) that builds the classic pattern of a transmembrane domain 8. However, the helix core hosts
two aspartic residues Asp-163 and Asp-164, which carry a negative charge when de-protonated.
Apparently, the high hydrophobicity of the helix compensates non-favorable partitioning of these
residues and ensures the proper folding of the domain within the lipid membrane. Occasional
charged/polar residues within transmembrane domains were shown to play functional roles in
many membrane proteins. In case of transporters they can be responsible for binding ligands, as
was shown for bR 9, LacY 127, and oxalate/formate transporter (OxlT) 128. Indeed, when the
aspartates in NhaA were replaced by cysteines or asparagines the molecule lost its activity 123. It
was also proved that the residues do not participate in helix-helix interactions, but must be
involved in cation binding.
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Figure 1.7. Regulation of Na+/H+ exchange in E.coli. Intensive ion antiport is achieved via
Na+-regulated enhanced synthesis of NhaA and via a pH-driven conformational change of folded
antiporters (dashed box).
Functional studies performed on NhaA mutants revealed more than a dozen side chains that are
crucial for functioning and pH-response of the transporter 27. In agreement with Wiebe et al. 110
these key residues are scattered along the primary structure of the protein, but brought together
within the functional conformation. The cytoplasmic loop connecting a-helices VIII and IX is
particularly important for the activation. Glu-252 residue here determines the transporter’s Km
value for Na+/Li+ binding 126 and the loop undergoes a distinct pH-driven conformational change
upon NhaA activation 129. A change in conformation was also shown to occur in the N-terminal
cytoplasmic domain of NhaA 130, as its antibody-binding properties dramatically changed within
the activating pH range.
Importantly, to ensure the observed high turnover of the transport, the activation and the
functional cycle of the protein must require only minor structural rearrangements. X-ray
crystallography provided a structure of the pH-locked form of NhaA, and proposed suggestions
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on the activation mechanism 114. While the a-helix V is assumed to be static within the substrate-
binding pocket, helices IV and XI possess higher flexibility in the bilayer plane due to their
unwound regions. The current model of NhaA activation suggests that the “pH sensor” within the
cytoplasmic loop VIII-IX detects an increase in pH as the protonation state of aa residues
changes 126, 129. Subsequent conformational change in the loop re-orients helix IX that contacts
the functional site of NhaA. Now the geometry of the binding pocket is altered that opens an ion-
translocated channel and builds a functional form of the protein. The loop VIII-IX and the N-
terminus of NhaA are suggested to interact upon activation and to form a gate for cations that
guides them to the binding site.
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2. Single-molecule force measurements
2.1. Atomic force microscopy: General principles and design
Direct visualization of micrometer-sized objects is the most straightforward way for their analysis
in surface and polymer science, electronics, or biology. Rapid progress in engineering and
microtechnology started in the late 70s of the last century and has led soon to a burst of novel
techniques allowing observation and mechanical manipulation of microscopic objects of various
natures. A series of scanning probe microscopy (SPM) instruments was developed that included
the scanning tunneling microscope (STM) 131, the near-field optical microscope (SNOM) 132, and
the atomic force microscope (AFM) 133 developed in 1986. In the AFM, a sample surface is
mechanically scanned with a tiny probe – a sharpened stylus fixed at the end of a flexible
cantilever. When the stylus interacts with the sample the resulting force acts on the stylus and
causes deflection of the cantilever (Fig. 2.1). This deflection is detected via an optical lever
system 134, i.e. a laser beam reflected from the end of the cantilever changes its final position on a
position-sensitive photodetector. The photodetector measures the shift of the reflected beam, so
the tip-sample interaction force can be calculated if the mechanical properties of the cantilever
are known.
Figure 2.1. Atomic force microscope.
The piezoelectric actuator with the sample
mounted on top can change its position if
the controlled voltage is applied. Deflection
of the AFM cantilever is detected via
optical lever system and provides
information on the interacting force
between the stylus and the sample.
AFM provides a number of unique features in experiments on fragile biological specimen, from
tissues and cells to individual molecules 135-137. Firstly, visualizing the surface topography of the
sample does not require additional staining or labeling that could potentially harm or alter the
sample 138. Secondly, measurements can be carried out in various conditions either in vacuum,
air, or in water solutions, and environmental factors as temperature, pH, and electrolyte
concentration can be adjusted within a wide range if needed. Mimicking biological conditions
ensures that the most fragile sample retains its intact state in AFM experiments providing reliable
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data on structure, stability, and function 139. Remarkably, under these conditions AFM is
characterized by an exceptionally high signal-to-noise ratio 140 suggesting it as a tool to probe
properties of single molecules.
2.2. AFM modes
Nowadays the AFM is commonly exploited in different modes for surface imaging, single-
molecule force measurements, or for experiments on molecular recognition that combines the
first two options. Highly detailed images of fragile biological samples can be achieved by
choosing appropriate preparation conditions and instrumentation 141. AFM imaging is commonly
performed in contact mode 142, where, in an ideal case, the stylus follows the surface topography
applying a non-destructive force of 50-150 pN 139. The deflection of the cantilever upon scanning
is used in the feedback loop to adjust the vertical position of the sample in order to keep the tip-
sample interaction force constant. The vertical change in the sample position provides information
on the surface topography. Alternatively the intermittent contact mode (or tapping mode) can be
used for imaging if a minimal lateral force is required 143-145. In this mode magnetic, electric, or
acoustic excitation is used to excite the cantilever oscillations of a few nanometers amplitude at a
chosen near-resonance frequency. While rastering over the sample the tip periodically contacts
the surface, so only a vertical force is applied and no lateral sweeping occurs. Non-uniform
sample topography results in detectable changes of the oscillation amplitude, while changes in
the oscillation phase describe visco-elastic properties of the sample (for details see Ref. 146).
The most recent developments in the technique have been aiming at establishing non-contact
imaging of fragile surfaces and considered a shift in the oscillation frequency as a potential
source of the topography information 147. Exploiting advantages to perform AFM experiment in
native conditions at high signal-to-noise ratio has repeatedly allowed not only resolving
substructures of individual molecules, but also observing in detail organization of macromolecular
complexes, function-related conformational changes, as well as a number of dynamic processes
(for recent review see 148, 149)
Single-molecule force measurements allow describing the stability, life times, or mechanical
properties of individual molecules or their complexes. The approach is discussed in detail in the
following Chapter 2.4.
Besides measuring interaction strengths, localizing “hot spots” on biological surfaces such as
binding sites on cells or membranes is also of great interest. AFM experiments on molecular
recognition are aimed to study specific interactions of the functionalized AFM stylus with the
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sample surface 150. These experiments can be combined with the simultaneous recording the
sample topography 151, 152. The approach allows localizing receptor sites on the surface with
nanometer positional accuracy and provides new way to characterize local properties of the
sample.
2.3. Probe design and calibration
To work at a microscopic level and to detect interactions of a few kBT the AFM probe should
possess an extremely high sensitivity that puts strict requirements for its mechanical properties,
i.e. spring constant kc and resonance frequency nc. Most cantilevers available today are made of
silicone or silicone nitride covered with a native oxide layer of 1-2 nm thickness. Optionally a layer
of gold or aluminum can be deposited on top of the cantilever to increase light reflection in the
AFM detection system. Cantilevers may be rectangular or V-shaped (Fig. 2.2). Typical
dimensions of the cantilever are 100-200 mm in length Lc and 20-40 mm in width wc. Thickness of
the cantilever tc lies within 0.2-1.0 mm, and a metal covering can additionally contribute up to a
hundred nm. One end of the cantilever is fixed at the edge of a silicon block, and the
microfabricated stylus is mounted at the free end. The stylus of a few microns height often has a
pyramidal or coned shape (Fig. 2.2). Many AFM applications require the stylus to be sharpened,
so its radius of the curvature at the end can reach ≈30 nm. Additionally, single carbon nanotubes
can be attached to the stylus to build an ultra-sharp and high-aspect ratio probe 153. In other
cases a colloidal particle of 2-20 mm diameter at the end of the cantilever can be used as a probe
with a large, well-defined surface area 154.
Mechanical properties of the cantilever kc and nc strongly depend on its dimensions (Lc, tc, wc) and















Here, E is a Young’s modulus of the cantilever material, and r is the density of the material. For
silicon probes E  ≈ 1.7*1011 N/m2, while for silicon nitride the value can vary significantly.
Resonance frequencies of AFM cantilevers in air typically lay between 20 and 200 kHz, and
spring constants can vary in a wide range 10-1000 pN/nm. According to Eq. (2.2), low-frequency
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external vibrations are less transmitted to small cantilevers, so a better performance in AFM
measurements can be achieved via miniaturization 155. Thus, cantilevers of ~10 mm length and 3-
5 mm wide with resonance frequencies up to 5 MHz can be found today on market, which allow
measuring forces of a few piconewtons (pN). Force sensitivity Fmin of AFM probes is determined
by their thermal oscillation and can be estimated as:
† 
Fmin = kBTkc (2.3)
that provides with a value of ~5 pN for cantilevers conventionally used in contact mode AFM
imaging and single-molecule force measurements.
Figure 2.2. AFM probes. (a ) The
scheme of AFM cantilevers with
sharpened tips and (b ) scanning
electron microscopy images of NP-S
cantilevers (di-Veeco, USA).
Force measurements and subsequent interpretation of AFM data requires knowing characteristics
of probes used, i.e. spring constant kc and resonance frequency nc of cantilevers, and their
nominal values are normally provided by manufacturers. However, due to random variations of
cantilever dimensions, characteristics of individual probes can vary significantly even within a
single silicon nitride wafer. Non-uniform metal coating of cantilevers may also affect their
properties. Thus, the experimental calibration of cantilevers is required.
Prior to the measurements, the optical lever system should be calibrated, i.e. the voltage signal
change on the photodetector must be related to metric vertical deflection of the cantilever. To do
this a solid support mounted on the piezoelectric actuator is brought in contact with the tip and
moved for a controlled distance (Fig. 2.3). Apparently, the free end of the cantilever deflects the
same distance as the surface moves, and the detected signal change is proportional to the
inclination of the cantilever and to the cantilever deflection. Measuring the slope a of the force-
distance (F-D) curve in contact area provides the proportionality coefficient, the so called
deflection sensitivity.
2. Single-molecule force measurements
22
Figure 2.3. Force-induced rupturing of a single bond. When separated from the surface the
cantilever has zero deflection (a). Vertical motion of the piezoactuator bends the cantilever (b), so
the raising force is applied to the sample surface. The corresponding part of the F-D trace (right)
can be used to define the deflection sensitivity of the AFM detection system that is described by
tg(a). Applying the force to the established tip-surface bond allows probing its stability (c) and
after the bond rupturing the cantilever reaches its initial position (d).
More than a dozen of approaches have been developed to measure spring constants of
cantilevers. Here I mention the most common of those: (i) adding known masses and measuring
resonance frequencies of free and loaded cantilever 156, (ii) using a reference cantilever with
known characteristics to press against another cantilever, so a stiffness of the probe is calculated
from cantilevers’ deflections 157, and (iii) recording thermal fluctuations of a free cantilever and
measuring their intensities 158, 159. The latter approach is widely exploited in commercial AFMs
including NanoScope IIIa PicoForce (di-Veeco, USA) and NanoWizard (JPK Instruments,
Germany) used in experiments below. Modeling the cantilever as a harmonic oscillator suggests
that its mean square deflection 
† 
Dx 2  is determined by the stored thermal energy and the















Fourier analysis of recorded thermal noise of the cantilever provides its amplitude spectrum, or
power spectrum (Fig. 2.4) that shows an intensive peak at the resonance frequency of the first
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vibration mode. The peak can be fitted with a Lorenzian curve and integration under the curve
provides 
† 
Dx 2  value. Deflection amplitude for the following vibration modes decreases abruptly,
so they are excluded from the analysis. The relatively high uncertainty of the method (~20%) is
rather compensated by the easy and non-destructive way of measuring. However, a potential
error in the probe calibration should be always kept in mind when analyzing force measurements
data.
Figure 2.4. Power spectrum of a short-
legged OTR-4 cantilever recorded in air.
The resonance frequency of the cantilever is
≈17 kHz, but reduces down to 8 kHz in liquid.
Inset: The Lorenzian fitting of the resonance
peak (red line).
2.4. Single-molecule force spectroscopy
Apart from high-resolution surface imaging, AFM provides a sensitive approach to study
mechanical properties of individual molecules that has been established as single-molecule force
spectroscopy (SMFS). For the last decade, the technique has allowed measuring stability of
covalent 160 and non-covalent bonds, strength of ligand-receptor and intramolecular
interactions161-163, elasticity of polymers and biological macromolecules 164, 165. In SMFS
experiments, the AFM stylus is used as a nano-tool that can hold and mechanically stretch single
molecules of the specimen anchored on the surface. Moving the specimen out of equilibrium
state requires work to be done, so the external force in the vertical direction is transmitted to the
specimen via a linker. The equal elastic force deflects the cantilever upon pulling, so the signal on
the photodetector changes. The applied force at every instant can be presented as a function of
the separation from the surface, i.e. a F-D trace (Fig. 2.3). Since each specimen has its unique
mechanical properties, SMFS reveals their individuality suggesting F-D traces as molecular
fingerprints 166.
Rupturing a single bond, such as a receptor-ligand pair, can be used as an example of the SMFS
experiment 161. When the AFM stylus touches the surface, a counterforce causes negative
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deflection of the cantilever (Fig. 2.3a,b). According to Hook’s law, the applied force is proportional
to the cantilever stiffness and deflection. If the sample surface is covered with receptor
molecules, and the cantilever carries a relevant ligand, specific “key-lock” interactions can be
established between individual molecules in contact. When the motion of the piezoactuator is
reversed, the cantilever deflection will return to zero, but the stylus will be linked to the surface via
the established receptor-ligand bond. The following motion of the piezoactuator will cause a
positive deflection of the cantilever and an increase in the force applied to the linking bond (Fig.
2.3c). The mechanical tension promotes accelerated rupturing the bond at some critical load as it
deforms the energy landscape of the complex (for details see Ref. 167). After the separation of
the bonded molecules the cantilever rapidly relaxes and reaches its zero deflection position. The
rupturing event appears as a peak in the F-D curve (Fig. 2.3c,d), so the rupturing force can be
measured with an uncertainty of ~5 pN. SMFS measurements showed that stability of a bond
strongly depends on its nature 164. As example, antibody-antigen interactions typically rupture at
~50 pN 163, while covalent bonds withstand tension of a few nano-Newtons (nN) 160.
2.5. Polymer extension under applied force
2.5.1. Origins of polymer elasticity
Being affected by the Brownian motion of solvating molecules and storing thermal energy of the
backbone, a free polymer molecule in solution tends to acquire a random coiled state. This non-
structured compact state allows realizing the most micro-configurations and reaching the
maximum conformational entropy. For a polymer that consists of nm chained monomers of the
length l statistical mechanics predicts the radius R of the random coil as 168:
† 
R = l * nm
1
2 (2.6)
For a polypeptide of 300 amino acid residues (l = 3.6 Å) the estimation provides R ~5 nm. When
the AFM stylus pulls the polymer in SMFS experiment the molecule uncoils and stretches up to a
hundred of nanometers. In the simplest case this mechanical stretching results in reduced
conformational entropy, so the work is performed against entropic restoring forces 169. If the
mechanical tension deforms intramolecular bonds within the polymer backbone, a change in
enthalpy should also be considered. Knowing the character of entropic and enthalpic restoring
forces allows describing mechanical properties and behavior of the polymer.
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2.5.2. Freely-Jointed-Chain model
Several models are commonly used to describe mechanical properties of polymers, and proper
choice of the model strongly depends on the polymer’s nature. The Freely-Jointed-Chain (FJC)
model 170 describes a polymer as a chain of n monomers of length l, which have a finite rigidity
(Fig. 2.5a). The monomers are connected with flexible joints and assumed to act independently
on each other. In the most general case, the model relates the applied force F and the end-to-end
distance x of the polymer as:
† 
















Here L is the contour length of the polymer, L = nl, L is the Langevin function, and k is the spring
constant of a single segment. For small chain extensions monomers can be assumed as
absolutely rigid (k = •), so only entropic stretching is considered:
† 








The FJC model can be used to assess mechanical behavior of various polymers, including
oligonucleotides 171 and polysaccharides 166.
Figure 2.5. Modeling polymer chains mechanics. (a) Freely-Jointed-Chain and (b) Worm-Like-
Chain approximations of a polymer.
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2.5.3. Worm-Like-Chain model
In another approximation the polymer is modeled as a homogeneous chain of constant elasticity
(Fig. 2.5b), so called Worm-Like-Chain (WLC) model 172, 173. Elasticity of the polymer is described
by its persistence length lp, at which the polymer maintains a constant direction. The persistence
length can change at high external forces due to altered structure of the backbone. If only




























The model is commonly used to describe behavior of DNA (lp  ~ 50 nm) 172, 173 and polypeptide
chains (lp ~ 0.4 nm) 174.
2.6. Mechanical stability of single proteins
Both FJC and WLC models predict that mechanical stretching of a linear polymer results in a
monotonous increase in the end-to-end distance. If the polymer establishes non-covalent
intramolecular interactions their rupturing under the external force can be observed. In 1997 M.
Rief and co-worker performed seminal experiments on stretching the giant multi-domain muscle
protein titin with the AFM stylus 174, 175. The protein was mechanically unfolded if a sufficient force
of 120-150 pN was applied. Stretching of the polypeptide chain at a constant velocity caused
gradual raise of the applied force that was followed by abrupt relaxation due to a single unfolding
event and elongation of the polypeptide chain. Individual domains of titin unfolded independently
so the F-D trace of a single molecule contained several intensive peaks. The enhanced stability
of immunoglobulin domains originates from structural interactions between b-strands within that
was confirmed by molecular dynamic simulations 176. Further experiments revealed a number of
proteins that build a resistance for mechanical denaturing, while only some of them perform
mechanical functions in vivo 177-179.
In 2000 SMFS was for the first time applied to study the stability of the membrane protein bR 180.
As detailed atomic structure of bR is known 181 and deep insights in functioning are achieved 9,
the protein represents an ideal model system for further novel studies. In SMFS experiments
individual molecules of bR were unfolded extracted out of native purple membranes. bR showed
an extremely high resistance to mechanical unfolding as molecules withstood forces up to 200
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pN. Force peaks in F-D traces were assigned to unfolding of bR structural elements. Analysis of
recorded F-D traces showed that transmembrane domains of bR unfolded in a well-defined
sequence and stabilizing interactions within each domain ruptured in a highly cooperative
manner182. The approach allowed assessing stability of individual transmembrane domains and
their fragments and was further applied to other integral membrane proteins 183.
3. Mechanical stability of NhaA
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3. Mechanical stability of NhaA
3.1. Introduction
A series of SMFS studies on bR provided first fundamental insights in origins of membrane
protein stability under mechanical stress 182. The experimental approach has also demonstrated
its high potential to probe specific molecular interactions as those within the ligand-binding site
(retinal in bR). Further investigations on human aquaporin-1 (hAQP-1) 184 and comparative
studies on bR and halorhodopsin from Halobacterium salinarium 185 affirmed that membrane
proteins can differ greatly in their unfolding pathways and stability, so SMFS experiments open
the way to unravel the individuality of stabilizing interactions within proteins.
A significant amount of experimental data accumulated in last 15 years provides today with a
detailed overview on NhaA structure and functioning. However, the stability of the protein was
mostly out of the research focus and no information on interactions that stabilize the antiporter
has been obtained either from bulk or single-molecule studies. Since NhaA is the first ion
transporter with known structure 114, it represents a convenient model system for studying
molecular interactions that govern transport protein structure formation and functioning. Here I
chose NhaA as an object for single-molecule force measurements to probe origins of its
stability186, to determine its folding pathway 186, 187 and to access mechanisms behind activation 188
and inhibition of ion transport. To conduct these extensive investigations an initial characterization
of the protein stability is essentially required. Knowing stability of intact NhaA is also necessary in
protein folding experiments as it describes the reference folded state. The experiments presented
below were aimed to probe the mechanical stability of single NhaA molecules and to decipher
their unfolding pathways, i.e. to establish NhaA as a new system for SMFS studies.
3.2. Experimental procedures
3.2.1. 2D-crystallization of NhaA
Reconstituting membrane proteins into two-dimensional (2D) crystals in presence of lipids allows
restoring their structures in native environment 189, 190. The crystal contains a tight assembly of
folded protein molecules within the lipid membrane, which are ordered laterally to form a defined
crystal lattice. In contrast to detergent-based 3D crystals, 2D crystals of membrane proteins
possess higher stability and can be acquired relatively easy, while the product can be used for
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structural studies with EM 191. In parallel, native and reconstituted 2D crystals of membrane
proteins can be studied by AFM to visualize the lattice organization and the surface geometry of
individual molecules. The crystal lattice ensures dense packing of protein molecules, and their
uniform environment, that can be benefit for SMFS experiments.
Samples of recombinant NhaA were kindly provided by the collaborating research group of Dr.
Christine Ziegler (Structural Biology Department, MPI of Biophysics, Frankfurt/Main, Germany).
The recombinant protein contained a heptahistidine tag on the C-terminal end linked via two
Factor X protease cleavage sites, four residues each. Antiporters were overexpressed in E.coli,
solubilized with dodecil maltoside and purified with Ni+-NTA affinity chromatography. NhaA was
dialyzed against the crystallization buffer (200 mM KCl, 10% glycerol, 25 mM potassium acetate
(CH3COOK), 0.001 mM GdCl3, pH 4.0) with E.coli polar lipid extract (Avanti Lipids, Germany) for
5-7 days to obtain 2D crystals. Lipid extract contained 67% phosphatidylethanolamine, 23%
phosphatidylglycerol, and 10% cardiolipin. NhaA crystallization state was checked by EM (Fig.
3.3a and Ref. 112). Protein concentration was checked in Bradford assay using bovine serum
albumine as a calibration standard and it varied between 100-150 mg/ml. For AFM experiments
NhaA crystals were supplied in the crystallization buffer. All buffer solutions were prepared with
nano-pure water (PureLab Plus, Germany) of 18.2 MW•cm conductivity. Chemicals were
purchased from Sigma/Merck and were of p.a. grade.
3.2.2. Trypsin cleavage of NhaA
To cleave NhaA molecules into two asymmetric fragments I exploited trypsin proteolysis as it was
proposed by Rothman and colleagues 192. Solution of 0.1 mg/ml trypsin was prepared in the
cleavage buffer (100 mM KCl, 0.7 mM ethylenediaminetetraacetic acid (EDTA), 1 mM CaCl2, 50
mM Tris-HCl, pH 8.5). Cleavage was performed on NhaA embedded into 2D crystals. About 300
mg of NhaA was sedimented and 300 ml crystallization buffer were exchanged with 150 ml
cleavage buffer. 60 ml of trypsin solution was added and incubated for 1 hour in the water bath at
37°C. The proteolysis was stopped by adding 18 mg trypsin inhibitor type II. Further overnight
dialysis in a 1 ml Pierce Slide-A-Lyzer cassete (Pierce Biotechnology Inc., USA) with 10 kDa cut-
off filter against the crystallization buffer at 4°C was performed to remove trypsin, trypsin inhibitor,
and small extramembrane tryptic fragments.
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3.2.3. Sodium dodecyl sulphate-(poly)acrylamide gel electrophoresis and Western-blot
SDS-PAGE of intact NhaA and tryptic fragments was done according to Ref, 193. Compositions of
separating (10% (poly)acrylamide) and stacking (4% (poly)acrylamide) gels are given in Table 1.
For each lane ª5 mg of sample protein was loaded together with 10 ml of the sample buffer. Gels
were run in pairs at the constant current of 34 mA for 30-40 min. Gels were stained with
Coommassie solution for 40-60 min.
For the Western-blot analysis the unstained Coommassie gel was incubated for 5 min in transfer
buffer (25 mM Tris-HCl, pH 8, 10 mM glycine, 10% methanol and 0.25 mM dithiotreitol (DTT)) and
blotted on a PVDF membrane (0.45 mm, 26.5 x 3.75 cm, Millipore Immobilon-P) at 3 mA/cm2 in
transfer buffer between several layers of wet filter paper (Whatman, Germany). The membrane
was transferred into blocking buffer (200 mM Tris-HCl, pH 7.5, 1.5M NaCl and 5% milk powder)
and blocked overnight at 4˚C. After incubation with the primary antibody mouse anti-(His)6 IgG for
2 h at room temperature and 3 washing steps, the membrane was exposed to the secondary
antibody, rabbit anti-mouse IgG, coupled with alkaline phosphatase for 1 h at room temperature
followed by 3 washing steps. Antibodies were dissolved in blocking buffer at concentrations of
1:10000 and 1:20000 respectively, and blocking buffer was used for washing. The membrane
was then transferred into developing buffer (100 mM Tris-HCl, 100 mM NaCl, 5 mM MgCl2, pH
9.5) and developed by adding 100 mg of nitroblue tetrazolium (NBT). The color reaction was
stopped by water and 20 mM EDTA. It was shown that intact NhaA contained well-stained band
at 32 kDa, while tryptic fragments were not stained.
Table 3.1. SDS-PAGE gel composition
Stock Separating gel Stacking gel
1.5m Tris pH 8.8 1.5 ml -
0.5M Tris pH 6.8 - 1.0 ml
40% acrylamide 1.5 ml 0.4 ml
10% SDS 60 ml 40 ml
Nano-pure water 6 ml 4 ml
10% ammonium persulfate 20 ml 20 ml
TEMED 5 ml 4 ml
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3.2.4. Making of sample support for AFM
AFM measurements in general do not require the sample to be additionally stained, labeled or
fixed. The only essential requirement is to immobilize the specimen to avoid moving with the AFM
stylus. At the first step a proper supporting surface should be chosen. The surface is desired to
be flat to allow exploiting AFM imaging capabilities. Among materials commonly used in AFM
sample preparation are mica, graphite, gold, glass, etc. To prepare a supporting surface for AFM
measurements on NhaA I used a protocol of D.J. Müller and co-workers 194. Magnetic steel disks
(Agar Scientific, UK) were treated with 37% hydrochloric acid for 5 min and then intensively
washed. Disks of 10 mm diameter were punched from teflon foil and glued on top of steel disks
with instant glue Loctite 770 (Koenig, Switzerland) (Fig. 3.1). Muscovite mica (Mica New York
Corp., USA) was sliced into 0.2-0.3 mm layers and punched into disks of 5 mm diameter. The
upper layer of the mica disk was removed with a glued tape to ensure the atomic flatness. Then
the mica disk was glued with its cleaved surface on teflon disk with a water-insoluble, two-
components epoxy glue either Araldit (Ciba Geigy, Switzerland) or R&G 5 Min. Epoxy (R&G
GmbH, Germany). Prior the experiments the mica disk of a made support was cleaved with a
glued tape. The surface was imaged with AFM at a scan area of 50x50 mm2 to control the
flatness. Only those supports that showed height variation less then 5 nm were used in further
experiments.
Figure 3.1. Design of a supporting surface for AFM experiments. The NhaA sample was
adsorbed from the buffered solution to the flat mica surface. The mica was mounted over a
hydrophobic teflon disk that prevents wettening of the piezoactuator beneath. A magnetic steel
disk at the bottom ensures a stable fixation of the support on the piezoactuator.
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3.2.5. Sample preparation
Apparently, a non-covalent sample immobilization should minimize distortions of the intact state
of biological specimen. Efficient procedures for immobilizing membranes that contain integral
proteins were developed by D.J.Müller and co-workers 194. To achieve a strong adhesion between
a chosen supporting surface and the sample attractive van der Waals forces (FvdW) were
exploited195.
For following considerations electrostatic properties of muscovite mica and lipid membranes
should be accounted. In water some K+ ions can dissociate from muscovite mica surface leaving
there non-compensated negative net charge of surface density ss = -0.0025 Cm-2, or -0.015
elementary charge per nm2 at neutral pH. Lipid bilayer can also carry surface charge due to polar
lipid heads and extramembrane domains of embedded membrane proteins. For purple
membranes that contain dense arrays of bR, the estimates surface charge is sm = -0.05 Cm-2.
When charged surfaces are present in the electrolyte long-range electrostatic forces redistribute
ions and screen the surface charge with counterions. This forms an electrical double layer (EDL)





2 , where ec is the ion concentration of the
polyelectrolyte. The length of the EDL is solely determined by polyelectrolyte, but not the
screened surface. Resulting electrostatic repulsion between two surfaces with charge densities ss









Here e and e0 are dielectric constants of the solvent and vacuum, respectively.
In contrast to long-ranged electrostatic interactions, van der Waals forces between two surfaces






Here Ha is the Hamaker constant that ranges between 10-19-10-21 J m2 for different surfaces in
water. To establish the van der Waals bonding it is required to bring membranes into proximity of
a few nm to the supporting plane. To diminish repulsive forces of EDL the ion concentration of the
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solution should be adjusted. It was shown both theoretically and experimentally 194 that salts of
monovalent cations as NaCl or KCl at concentration 150-200 mM effectively screen surface
charges and allow immobilization of purple membranes on mica or graphite surfaces.
To prepare NhaA sample for AFM experiments 30 ml of immobilization buffer (200 mM KCl, 10%
glycerol, 25 mM CH3COOK, pH 4.0) were loaded on the mica surface and 1-2 ml of NhaA crystals
suspension were added and mixed gently. The preparation was kept for 20-30 min allowing
crystals to adsorb on the surface. After that it was gently rinsed 5 to 10 times with fresh
immobilization buffer to remove non-adsorbed membranes. The support with the magnetic steel
disk at the bottom was installed on the sample holder of the AFM piezoelectric actuator.
3.2.6. AFM set-up
A commercial NanoScope IIIa (di-Veeco, USA) was used for imaging and force measurements.
Prior the experiments, I scanned a graphite 3D-grid of known geometry and calibrated the
piezoelectric actuator in X-Y-Z dimensions. The microscope was equipped with a contact mode
fluid cell. The cell was cleaned with detergent (Pril, Henkel GmbH, Germany), rinsed with ethanol
and nano-pure water three times and dried in argon flow. AFM imaging was performed in the
contact mode with thin long-legged V-shaped NP-S cantilevers (di-Veeco) (nominal values kc ≈
0.06 N/m, nc ≈ 4.0 kHz, Lc ≈ 200 mm, wc ≈ 23 mm, tc ≈ 0.6 mm). Additionally, short-legged OTR-4
V-shaped cantilevers (Olympus, Japan) were used for force measurements (nominal values kc ≈
0.08 N/m, nc ≈ 7 kHz, Lc ≈ 100 mm, wc ≈ 15 mm, tc ≈ 0.4 mm). Spring constants of cantilevers were
determined on NanoScope IIIa equipped with the PicoForce module using thermal fluctuation
analysis.
3.2.7. NhaA unfolding experiments
After the NhaA sample was immobilized on the mica surface and washed, the immobilization
buffer was exchanged with 150 mM KCl, 50 mM NaCl, 20 mM citric acid, pH 3.8. The
experiments were performed in acidic environment that ensured pH-inactivated form of NhaA 111
and allowed to exclude protein-ligand interaction from initial considerations. It also made possible
relating stable segments of NhaA to structural elements (see below), since all structural
information on the protein available so far describes its pH-inactivated conformation.
To unfold individual NhaA molecules they should be tethered between the AFM stylus and
membrane, so a linking bond is required between the polypeptide chain and the stylus. As
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membrane proteins withstand tensions up to 200 pN the bond must be sufficiently strong to
prevent NhaA de-attachment upon pulling. Here I used non-specific attachment of the protein to
the stylus via physical adsorption that ensures the linking bond of a few hundreds pN rupture
force. The AFM stylus was brought in contact with an NhaA membrane and a force of 700-1000
pN was applied for 0.5 s to establish a link with a molecule. Then the stylus was retracted from
the surface for 200 nm with the constant velocity of 120 nm/s and the cantilever deflection was
measured upon the separation providing with the F-D trace. In ≈10% of pulling cycles one or
more force peaks were observed in F-D traces, and those traces were recorded for further
analysis.
3.2.8. Data analysis
F-D traces recorded in SMFS experiments on NhaA were imported and analyzed in Igor Pro
(Wavemetrics Inc, USA). Raw files contained information on force as a function of piezoelectric
actuator vertical position Z. Importantly, the end-to-end distance of the stretched molecule is
smaller than Z due to the deflection of the cantilever Dx that can reach several nm for soft
cantilevers (kc=50-60 pN/nm) used in these experiments (Fig. 3.2). To compensate Z value for the
cantilever deflection, the force was presented versus the distance between the tip and the sample
surface, the so called tip-sample separation (tss):
† 
tss = Z - Dx (3.3)
Figure 3.2. Measuring tip-sample separation
(tss) distance. tss value determines the end-
to-end distance of the tethered polymer, so the
measured vertical motion of the piezoactuator
Z  should be corrected for the cantilever
deflection Dx.
In every unfolding trace observed force peaks were fitted with WLC model curves and rupture
forces were measured. To make a superimposition of F-D traces their baselines were vertically
aligned, and the traces were superimposed on the last force peak.
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To reconstruct unfolding pathways of NhaA the observed unfolding barriers should be located
within the structure of the protein. WLC fitting of every peak provides with the length of the
unfolded polypeptide chain L that links the AFM stylus and the remaining part of the folded
protein (Eq. 2.9). Counting the corresponding number of aa residues from the terminal end of the
molecule allows locating the unfolding barrier and assessing the unfolding intermediate. If the
unfolding barrier is located within the membrane or on the periplasmic side of the membrane the
lipid bilayer screens a part of the polypeptide chain that results in a shorter apparent length. To
compensate for this screening the bilayer thickness of ª4 nm, i.e. 11 aa should be taken into
account when locating the barrier 182.
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3.3. Results and discussion
3.3.1. AFM imaging
After the NhaA sample had been immobilized, the supporting surface was scanned with the AFM
stylus to locate lipid membranes with patches of the crystallized protein (Fig. 3.3). Lateral
dimensions of immobilized membranes varied from a few hundreds nanometers to 10-15
microns. Two forms of membranes were observed: flat sheets with a single lipid bilayer (5 nm
height) and tubular-shaped membranes that flopped on mica surface, thus containing a double
bilayer (10 nm height). Non-structured membrane aggregates reaching up to 50-60 nm in height
were also detected. These observations were in agreement with data obtained by cryo-EM 112.
Even low-resolution AFM imaging of membrane sheets and tubes, but not aggregates, visualized
linear arrays of NhaA molecules with the predicted dimensions (Fig. 3.3b,c). Further magnification
revealed stacks of NhaA dimers, which differed in height reflecting two alternative orientations
relatively to the membrane plane (Fig. 3.3c).
Figure 3.3. EM and AFM imaging of NhaA 2D crystals. Large membranes containing patches
of crystallized NhaA were observed with cryo-EM (a) and low-resolution AFM (b). Color scale is
25 nm. Linear crystal lattice can be already seen in AFM images at low magnification, and further
high-resolution scanning visualize individual NhaA molecules packed in dimers (c). Color scale is
3 nm. Inset: The correlation average of the crystal surface reveals sub-molecular details. Images
(a) and (c) were kindly provided by Dr. Ch.Ziegler (MPI of Biophysics, Frankfurt/Main) and Prof.
Daniel J. Müller (BIOTEC, TU Dresden), respectively.
3.3.2. Force spectroscopy on single NhaA molecules
When a protein-containing membrane patch of at least 100x100 nm2 was located, individual
NhaA molecules were extracted from its surface by the AFM stylus. Similarly to other membrane
proteins, mechanical pulling of NhaA molecules resulted in F-D traces containing several peaks
of 50-150 pN. Lengths of recorded F-D traces varied in a wide range between 20 to 100 nm, and
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in rare cases – more that 100 nm (Fig. 3.4). Non-specific attachment of membrane proteins to the
AFM stylus suggested that the linking bond could be established either with protein’s termini or
loops. Evidently, further extraction of the molecule depended on the attachment site, and if pulled
from one of its termini a molecule provided longer F-D trace then if it was pulled from a loop.
From the secondary structure of NhaA I concluded that unfolding a whole molecule either from N-
or C-terminal end could result in a F-D trace of about 100 nm length. Thus, only those traces
(~3% of all pulling cycles) were subject for further analysis.
Figure 3.4. F-D traces recorded
on NhaA 2D crystal patches.
Traces differed in length due to
non-specific attachment of
individual molecules to the AFM
stylus. Unfolding of a whole NhaA
molecule should result in a
spectrum of ~100 nm length (last
two traces).
In the next step I classified F-D traces according to force peak positions. I detected two major
classes of force spectra, which could be related to molecules unfolded from different terminal
ends. In Fig. 3.5 superimpositions of 20 F-D traces of each class are shown. Superimpositions
highlight common features of the unfolding traces and reduce deviations, which may occur in
individual spectra. Lengths of F-D traces in each class slightly varied (±5-10 aa) due to non-
specific attachment of the AFM stylus to the protein terminus. The most prominent force peaks in
each class were fitted by WLC model curves (Fig. 3.5, red lines). Class I exhibited a characteristic
triple peak at contour lengths corresponding to a stretched polypeptide of 91, 107 and 125 aa, an
intensive peak at 163 aa, and a pronounced final double peak at 317 and 328 aa. Class II
exhibited a pronounced peak at 95 aa and a final single peak at 326 aa. Since these initial
experiments were performed in absence of NhaA crystal structure 115, margin differences
detected between the classes were not sufficient to assign unfolding pathways unambiguously.
However, similarities between unfolding barriers and predicted transmembrane domains implied
that class I described unfolding of NhaA from its C-terminal end, and class II – N-terminal
unfolding (Fig. 3.5).
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To rule out a possible effect of charged mica surface on immobilized protein I probed stability of
NhaA extracted both from double and single lipid bilayers. Proteins located in the upper layer of a
double membrane do not interact with mica surface, but only with the bottom layer. However,
neither significant difference in unfolding pathways nor in protein stability was observed that
suggests that surface effects can be neglected if compared to intra- and intermolecular
interactions.
Figure 3.5. Mechanical unfolding of individual NhaA molecules. Top: superimpositions of 20
F-D traces of NhaA unfolding for two observed classes. The densest areas highlight common
features of F-D traces within the class (grayscale bar is given on right). The most prominent
peaks are fitted with WLC model curves (red lines) and the polypeptide chain contour length is
given on top. Bottom: locations of unfolding barriers within NhaA revealed in SMFS experiments.
3.3.3. Deciphering unfolding pathways of NhaA
To discriminate two classes I performed a specific trypsin cleavage of crystallized NhaA
molecules. When NhaA is reconstituted into lipid membranes a single cleavage site within the
loop VIII-IX is accessible for trypsin at pH 8.5 192 (Fig. 3.6a). Thus, the cleavage splits a molecule
into two non-symmetric N- and C-fragments, which contain 8 and 4 transmembrane domains,
respectively. SDS-PAGE on the trypsin-treated sample showed two intensive bands of heavy (20
kDa) and light (12 kDa) tryptic fragments, while the amount of intact NhaA (32 kDa band) was
significantly reduced (Fig. 3.6b). Western-blot against the C-terminal (His)6-tag did not show
staining for the trypsin-treated NhaA sample. Most probably, the tag was removed upon the
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proteolysis, so another trypsin cleavage site was located within the C-terminus of the protein. EM
imaging of the cleaved and dialyzed sample showed that membranes containing NhaA remained
their crystalline integrity, so the protein secondary and tertiary interactions were not significantly
affected upon the proteolysis.
Figure 3.6. Trypsin cleavage of NhaA. Only two
cleavage sites within the loop VIII-IX and C-terminal end
were exposed for trypsin within NhaA molecules (a).
Proteolysis efficiency was validated by SDS-PAGE of
intact NhaA (b, lane 1) and the trypsin-treated sample (b
lane 2). Western-blotting against (His)6-tag did not show
staining for the trypsin-treated NhaA and suggested
shortening of the C-terminal end (b, right).
SMFS measurements on trypsin-treated NhaA membranes proved the cleavage efficiency, as the
fraction of F-D traces of 100 nm length decreased from 3% to 0.5-1%, and most of recorded F-D
traces were only 30-60 nm long. These short traces were analyzed in detail, as they might reflect
unfolding of NhaA tryptic fragments. Among these F-D traces I observed four reproducible motifs
that were specific for trypsin-treated NhaA, but not for the intact protein. F-D traces were
arranged into classes (Fig. 3.7, classes (a)-(d)) and compared to data recorded on intact NhaA.
F-D traces in class (a) had ≈30 nm length and were characterized by a triple peak identical to the
one in class I of intact NhaA. Furthermore, F-D traces in class (b) had length ≈60 nm and the
profile was identical to class I, particularly a prominent double peak as the last unfolding event. At
the same time the triple peak in the beginning missed. On base of length, classes (a) and (b)
were assigned to heavy and light NhaA fragments, respectively, pulled from C-terminal ends. As
these classes demonstrated unfolding barriers identical to those of class I, F-D traces in class I
were recognized as events of unfolding intact NhaA from C-terminus (Fig. 3.5). Worth noting, the
length of curves in class (a) was 10-15 aa shorter than it was expected from NhaA structure. This
observation perfectly agreed with the C-terminal cleavage of the protein as was shown with the
Western-blot analysis.
3. Mechanical stability of NhaA
40
Figure 3.7. SMFS experiments on the trypsin-treated NhaA. F-D spectra of 25-60 nm length
were separated in classes (a)-(d). On the base of the length each class was assigned to
unfolding of an NhaA fragment. Prominent peaks in superimpositions were fitted with WLC model
curves (red lines) that revealed contour length of the stretched polypeptide chain (numbers on
top). Corresponding unfolding barriers were located within the protein fragments (shown with
color circles).
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Similar analysis was performed for remaining classes (c) and (d). Surprisingly, curves in class (c)
demonstrated an absolute identity to class II of intact NhaA, except the last two peaks were
missing in the trypsin-treated sample. F-D traces comprising class (d) lacked apparent similarity
to any other class, but their length correlated well with the expected length of the small tryptic
fragment. Most probably, traces (d) reflected unfolding of the fragment from its N-terminal end,
but its unfolding pathway differed from intact NhaA. This observation allowed assigning class II to
unfolding NhaA molecules from N-termini (Fig. 3.5). Interestingly, populations of classes I and II
were not equal, as class I was the dominant one and contained about 75% of all unfolding events.
It can be concluded that either the accessibility of NhaA termini for the AFM stylus differs, or the
stylus has higher specificity to the C-terminus of NhaA, probably because of (His)6-tag.
3.3.4. Probing stability of individual structural elements by SMFS
Fitting peaks in F-D spectra of NhaA with WLC model curves allowed locating unfolding barriers
within the protein structure (Fig. 3.5) and reconstructing unfolding pathways. In most cases
unfolding barriers built by NhaA precisely overlapped with transmembrane domains of the protein.
Upon pulling the C-terminal end the force peak at 91 aa reflected unfolding of a-helix X, 163 aa –
helices VII&VIII, 202 aa – helices V&VI, 259 aa – helices III&IV, 317 aa – helix II (Fig. 3.5 and
3.8). Pulling the protein from N-terminus has also showed correlation between detected stable
segments and structural elements. Here peaks at 95 aa, 152 aa, 206 aa and 326 aa were
assigned to cooperative unfolding of helical domains III, V, VII&VIII and XI&XII, respectively.
Statistical analysis of individual NhaA unfolding events showed that certain pairs of neighboring
transmembrane helices, e.g. III&IV, V&VI, and VII&VIII, predominantly unfolded together and
rarely demonstrated intermediate states. The observation of cooperative behavior of helical pairs
and hairpins has been previously reported in SMFS studies on bR 196 and it agrees with current
views on membrane protein folding. However, thermal fluctuations within NhaA molecules caused
variations in measured stability and unfolding pathways, so a diversity of F-D traces within each
class was observed. As an example, I summarized alternative unfolding pathways for every
structural element of NhaA upon pulling C-terminal end of the molecule in Fig. 3.8. In the first step
unfolding of helices XI&XII occurred at small separation from the surface (less than 20 nm),
where strong non-specific interactions between the AFM tip and the membrane form a complex
pattern and do not allow detailed analysis. The superimposition in Fig. 3.5 suggested presence of
three peaks here at 22, 42, and 60 aa reflecting cooperative unfolding of helix XII and a step-wise
unfolding of helix XI that hosts an unwound segment in the center. The following triple peak at 91,
107, and 125 aa was assigned to unfolding of helices IX&X (Fig. 3.8a). Structure of helix X is
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highly distorted and contains kinks and unwound elements. This resulted in relatively low stability
of the domain, as mean unfolding force at 91 aa peak was 63±22 pN (mean±SD, n=63). A kink
within helix IX abolished the cooperative unfolding 197 giving the peak at 125 aa. Subsequent a-
helices VII&VIII (Fig. 3.8b) are a particularly interesting case as they consist of 14 aa residues
each that is not sufficient to protrude the lipid bilayer (Fig. 1.6). Being folded these helices form a
hairpin on the periphery of NhaA structure, and they gave a single force peak in either direction of
pulling (Fig. 3.5). Exclusive pair-wise unfolding and high stability of this structural element
(125±40 pN, n=71) must originate from strong mutual interactions between the helices. Unfolding
of helices V&VI resulted in the force peak at 202 aa (Fig. 3.8c). In ≈30% events an additional
unfolding barrier was detected within a-helix V (peak at 225 aa). Remarkably, a-helix V
represents a functional domain of the transporter, being a key part of its cation-binding site 114, 123.
Origins of this unfolding barrier are described in detail in Chapters 4 and 5. Step-wise unfolding of
kinked helix III resulted in eventual force peaks at 275 and 292 aa (Fig. 3.8d). As the last step
helices I&II were unfolded with their connecting loop (Fig. 3.8e). These helical pair I&II did
normally choose step-wise unfolding pathway giving peaks at 317 and 328 aa when pulled from
the C-terminal end. A long connecting periplasmic loop I-II is partly structured, so it evidently
formed a strong unfolding barrier and abolished a cooperative unfolding.
From the most recent SMFS studies on bR it follows that interactions detected upon the
mechanical unfolding of the membrane protein are located within the individual molecule, since
the unfolding bR from different oligomeric assemblies did not alter its F-D spectra. It seems likely
that molecular interaction revealed for NhaA can be referred as properties of individual
antiporters, since in most cases they determine stability of individual structural elements.
Furthermore, the projection map 112 of the antiporter shows that the functional domain is not
involved in monomer-monomer contacts, so the following studies do not consider the effect of
oligomerization on NhaA molecular interactions revealed by SMFS.
3. Mechanical stability of NhaA
43
Figure 3.8. Variety of unfolding pathways followed by NhaA molecules. Top: a typical F-D
trace of single NhaA unfolding upon pulling from its C-terminal end. Force peaks are fitted with
WLC model curves (black lines) and contour lengths of the polypeptide chain are given. A model
of pair-wise unfolding of NhaA helices is shown above. Analysis of individual F-D traces revealed
a number of unfolding intermediate states acquired by NhaA (a)-(e). WLC fits of side-peaks are
shown together with the corresponding intermediate states.
3. Mechanical stability of NhaA
44
3.4. Conclusions
Stability measurements on biological macromolecules routinely provide information on their
conformations and functional states. Initial SMFS experiments on bR suggested mechanical
unfolding as a novel approach to probe molecular interactions that stabilize individual membrane
proteins. Experiments described above showed that Na+/H+ antiporter NhaA possessed high
mechanical stability and followed well-defined unfolding pathways under applied force 186.
Independently on the pulling direction transmembrane domains of the protein withstood forces of
50-150 pN prior unfolding 198. When pulling molecules from either N- or C-terminal end I mapped
unfolding barriers established within the protein structure and assigned them to rupturing of
intramolecular interactions and unfolding of NhaA stable segments.
Helical pairs of NhaA dominantly followed pair-wise unfolding, and a helical hairpin VII&VIII
demonstrated exclusive cooperative unfolding. Similar observations have been previously made
on bR and the behavior was explained by strong interactions between neighboring
transmembrane domains according to Steitz-Engelman folding theory 68. To prove this
assumption detailed computer simulations of the unfolding process are needed. The modeling
should also unravel the sequence of events leading to unfolding of a stable segment. Our
experiments on bR stability under different loading rates proposed the model of a transmembrane
domain unfolding 196. Under the mechanical tension the folded domain is not removed out of the
lipid bilayer, but its hydrogen bonds are first ruptured within the core and then extracted out of the
membrane. Recently B.Kruijff and co-workers 199 came with a similar model and suggested that
initial vertical shift of a few angstroms towards the AFM stylus, but not the extraction, is required
to trigger the cooperative unfolding of the helix.
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4. Single-molecule approach to membrane protein folding
4.1. Introduction
As described in Chapter 1, in the last decade membrane protein folding studies have been
focused on a few model systems. Systematic studies on bR performed by Paola Booth and co-
workers 55, 57 have established an experimental base in current knowledge on membrane protein
folding. The most recent advances allowed following folding of an individual structural element,
the a-helix D, within the protein structure 200 that complements previous studies on folding of
isolated transmembrane domains 87. However, some evident limitations of the conventional
approach should be noted. Since the experiments are performed on molecular ensembles, they
only overview averaged characteristics of the folding process. However, changes in fluorescence
or circular dichroism spectra cannot resolve dynamics of individual molecules. Consequently, only
an “average” folding pathway can be reconstructed from these measurements. In contrast, single-
molecule studies performed on water-soluble proteins have recently shown the power of the
approach to resolve and analyze folding behavior of sub-populations 30, 201-204. Another limitation
arises from the extremely high resistance of membrane proteins to chemical or thermal
denaturation 6. Since rupturing hydrogen bonds between helical turns requires a substantial
energy of 4-5 kcal/mol, transmembrane domains are highly stable. Apparently, the denatured
state of bR in presence of SDS or at temperatures as high as 80ºC 205 differs greatly from the
unfolded polypeptide chain that leaves a ribosome. Thus, the conventional approach allows
characterizing only the second folding stage in Popot-Engelman model, but not the preceding
formation of a-helices and their insertion into the lipid bilayer.
In contrast, mechanical unfolding of proteins with the AFM stylus results in a stretched
polypeptide chain lacking tertiary and secondary interactions. Experiments on the titin
immunoglobulin domain I27, fibronectin FnIII, and ubiquitine showed that once unfolded and
relaxed the proteins were able to acquire their native conformations 174, 204. Repeated pulling of
individual molecules provided information on their refolding extent and kinetics, as well as
occasional misfolding events 206. Here I applied force measurements to study folding of the
membrane protein NhaA on the single-molecule level 186, 188. The experiments demonstrated that
the unfolded protein formed stable structural segments and underwent a spontaneous insertion
into the membrane, where it built a native-like conformation. Different folding pathways were
observed and folding kinetics of individual structural elements was estimated from time-lapse
SMFS measurements. Eventually, strong non-native interactions were detected in the refolded
protein, which were presumably assigned to misfolding events.




The experiments on NhaA refolding were performed on NanoScope IIIa AFM equipped with the
PicoForce module. The piezoelectric actuator was equipped with a Z-sensor and a closed-loop
feedback that ensured vertical positioning of the sample stage with accuracy of ~1 nm. For
studying short refolding times (less than 100 ms), the AFM was connected to two server-grade
PCs, which were equipped with data acquisition electronics (National Instruments 6110S/6052E,
Berlin, Germany). The software Igor Pro (Wavemetrics, Lake Oswego, OR) was used to control
the AFM in these folding experiments. While the first PC controlled the piezo position, the second
PC recorded the force spectroscopy data at rates up to 45.000 data points per second.
4.2.2. AFM refolding experiments
Preparation of NhaA sample and primary AFM measurements are described in detail in Chapter
3. Folding experiments were performed in 150 mM KCl, 50 mM NaCl, 20 mM citric acid, pH 3.8.
In spite of being strongly acidic, these conditions ensure proper folding of NhaA within the lipid
bilayer 112 or 3D crystals 114. After single NhaA molecule had been attached to the AFM stylus it
was partly unfolded by pulling its terminal end for 80 nm with 1 mm/s velocity. The molecule was
kept anchored in the membrane by its last two transmembrane domains (Fig. 4.1a). Then the
AFM stylus approached back into the close proximity to the membrane (~10 nm) with 2 mm/s
velocity relaxing the polypeptide chain. Alternatively, I have implemented one-step pulse
relaxation of the polypeptide chain to capture fast folding events: A voltage pulse made the piezo
to perform an instant (less than 1 ms) jump to the final position close to the AFM stylus when
folding times below 100 ms were studied. In the following stage the stylus was kept close to the
surface for 0.01-15 s allowing NhaA to form structured domains and to insert into the hydrophobic
core of the membrane. At the end of the refolding stage the molecule was repeatedly pulled with
the AFM stylus for 200 nm, while its F-D trace was recorded. Extraction of the whole molecule
was confirmed when the last force peak either at 317 aa (if pulled from C-terminus) or at 326 aa
(if pulled from N-terminus) appeared in the spectrum. As the C-terminal unfolding pathway
dominated (ª70% cases), only those events were further analyzed. To determine refolding extent
I analyzed force spectra of refolded NhaA molecules. In each refolding event force peaks were
fitted with WLC model curves, assigned to stable segments formed within the polypeptide, and
their positions were compared with the characteristic force spectrum of intact NhaA. The analysis
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allowed detecting properly folded transmembrane domains, as well as folding intermediates and
misfolded conformations.
4.2.3. Estimating folding rates
To determine folding kinetics for individual stable segments I calculated the probability to observe
corresponding force peaks in spectra of refolded NhaA. Since 50-100 single-molecule events
were recorded for each folding time (except 24 events for 15 s refolding time), the calculation
provided a reasonable estimation of folding capability for structural elements. Those ones
demonstrating at least 10% chance to fold at 15 s were further analyzed. Folding rates of
structural elements were derived from single exponential fits:
† 
f t( ) = A * 1- e-k fold *t( ) (4.1)
Here, ƒ is the folding probability at certain time, A is the folding efficiency, and kfold is the folding
rate of the structural element.
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4.3. Results and discussion
4.3.1. Spontaneous refolding of NhaA
Initial pulling of an NhaA molecule for 80 nm resulted in the typical F-D spectra, while the last
double peak at 317/328aa was missing (Fig. 4.1). When relaxing the polypeptide chain no force
events were observed in the trace. Remarkably, as the AFM stylus tethered the molecule at its C-
terminus the experiment might mimic the in vivo situation, when the synthesized polypeptide
chain reaches the membrane first with its N-terminal end. Repeated pulling of NhaA molecules
after a controlled time delay often resulted in F-D traces, which contained one or more force
peaks of 50-150 pN (Fig. 4.1b, red traces). Moreover, if molecules were kept at the membrane
surface for 1 s or more, those peaks typically occurred at positions characteristic to the intact
NhaA (Fig. 4.1b, numbers above). The phenomenon seems unlikely to originate from non-specific
aggregation within the polypeptide chain. Firstly, the hydrophobic collapse should occur at least
on the microsecond time scale 207, 208, upon the relaxation stage of the experiment, so no
dependence on time should be observed in experiments. Secondly, it is difficult to imagine that
the aggregated polypeptide chain would then uncoil in a well-defined manner that mimics the
unfolding pathway of the functional protein. However, the molecule could minimize its free energy
by forming a specific conformation determined by its amino acid sequence and the environment.
Most probably, upon relaxation the polypeptide chain rapidly coiled within the wide membrane
interface region to avoid non-favorable contacts with water. As shown by W.C. Wimley and S.H.
White 6, in this pre-folded state local interactions between residues govern folding of a-helices or,
at least, their fragments. When hydrogen bonds are established between peptide bonds, the
structured segments can integrate into the hydrophobic core of the lipid bilayer, so non-polar
side-chains emerge from the hydrophilic environment. Experimentally observed identities in two
subsequently recorded F-D spectra of NhaA suggested that the protein was able to establish
native-like interactions spontaneously, and its structural elements could be successfully refolded.
In contrast, when a certain peak was missing in the spectrum it implied that only partial refolding
had occurred.
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Figure 4.1. Refolding individual NhaA in SMFS experiments. (a), The scheme of the
experiment. Single molecules were partly unfolded upon mechanical pulling and then relaxed
over the membrane surface to allow spontaneous refolding. (b), Experimental data. Initial
unfolding event resulted in a characteristic F-D trace (upper red trace). A relaxation trace is
shown in blue. Repeated pulling of the molecule (red traces) after a time delay at the surface
(right) provides information on refolded domains. Individual peaks were fitted with WLC model
curves (black lines and numbers above) to locate re-established molecular interactions.
4.3.2. Folding pathways on the single-molecule level
Importantly, as each force peak in the spectrum unambiguously located re-established molecular
interactions, the folding process for individual stable segments could be described in SMFS
studies. In case of NhaA thorough analysis of F-D traces revealed that molecules allowed for
refolding less than 1 s often showed one or more peaks, but their positions varied significantly.
These eventual peaks were likely to reflect either rupturing of non-specific interactions formed
upon the polypeptide chain collapse or unfolding of early folding intermediates. I suggest that
detected stable segments were not embedded into the bilayer, as they rarely withstood the load
higher than 50 pN. Alternatively, these segments might partition into the membrane interface
region as Wimley’s and White’s model predicts (Chapter 1.2, Fig. 1.3). The hydrophilic
environment of that region cannot efficiently stabilize hydrogen bonds within a-helices that
resulted in low unfolding forces. As positions of force peaks varied at the early folding stages,
individual molecules chose different folding pathways. The conclusion agreed well with a concept
of multiple routes through the energy landscape 45. The only reproducible peaks after 1 s refolding
were observed at positions 202 aa and 225 aa, which have been previously assigned to the
folded helical pair V&VI and a segment of the helix V, respectively (Fig. 4.1 and 4.2). Surprisingly,
225 aa peak appeared in ~50% of F-D traces showing unfolding force of 60±22 pN.
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Increasing the refolding time up to 5 s led to significant stabilization of the protein and
characteristic NhaA peaks appeared with enhanced probabilities (Fig. 4.1 and 4.2). Interestingly,
after 5 s refolding dominant peaks were located at 202 aa, 259 aa, and, less pronounced, 163 aa,
i.e. positions that have been previously assigned to helical pairs V&VI, III&IV, and VII&VIII,
respectively. At the same time only a few traces suggested refolding of individual helices. Thus,
helices III&IV folded together in ª40% events, while a single helix III was detected only in ª15%
cases. The trend did not change upon increasing the refolding time up to 15 s, and strongly
supported the concept of preferential pair-wise folding of a-helices 68. Interestingly, the measured
stability of the refolded domains showed a gradual increase over time (Fig. 4.3). The origin of this
trend is not clear yet, but it is tempting to speculate that the refolded domains mutually stabilize
each other via established tertiary interactions and thus the stability increases with the refolded
structures.
4.3.3. Folding kinetics
The highest refolding extent was experimentally observed when NhaA molecule was allowed to
refold for 15 s (Fig. 4.1). When folding probabilities for individual stable segments were presented
as a function of time (Fig. 4.2), it became clear that the major folding steps occur in the 1-5 s time
range, and further increasing time up to 15 s did not affect the folding yield significantly.
Measuring folding rates for the stable segments provided with values, which ranged from 0.3 s-1
to 2.2 s-1. These values were in a wide range of folding rates measured in ensemble folding
studies (0.002-13 s-1 for bacterioopsin 57). Importantly, as most transmembrane stable segments
fold at the same time scale and no correlation was observed between folding of different
fragments of the protein, it suggested an independent folding and insertion of neighboring
structural elements. The high efficiency of folding observed for the helical pair V&VI must
originate from its primary structure: High hydrophobicity of the polypeptide chain here promotes
rapid membrane partitioning, and lacking proline residues results in fast folding of helices, while
isomerization of proline residues in other domains may slow down their folding kinetics 209.
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Figure 4.2. Folding kinetics of NhaA stable segments. Folding kinetics of NhaA helical pairs
(a) and single helices (b) were estimated from SMFS measurements. The time-dependent
folding extent of each individual stable segment was fitted by a single exponential function to
obtain an apparent folding rate. Hydrophobic content of transmembrane helix V ensured its
ultra-fast folding rate (b, inset).
In contrast, a force peak at 225 aa demonstrated a significant reproducibility in its appearance. It
occurred in about 50% of all F-D spectra describing refolding events, even at folding times as
short as 100 ms. The peak was previously assigned to unfolding of the cytoplasm-faced part of a-
helix V. To observe its folding kinetics the experimental set-up was modified in a way that allowed
to widen the range of folding times to ª10 ms (Fig. 4.2, inset). The estimated folding rate of the
stable segment was 47 s-1, i.e. it folded almost two orders of magnitude faster than other
transmembrane structural elements of NhaA. If the polypeptide chain was relaxed slowly (20
nm/s) relaxation F-D traces repeatedly contained a force peak at ª55 nm (Fig. 4.4), as the
cantilever was instantly drawn towards the membrane 186. It was concluded that folding of the
segment occurred faster than the polypeptide relaxation, and the segment was able to fold even
under an external force of ª30 pN. Recently H. Gaub and co-workers reported on similar folding
behavior for transmembrane domains of bR 198. While being highly hydrophobic, a-helix V of
NhaA hosts two highly conserved residues Asp-163 and Asp-164. Evidently, the hydrophobic
primary structure of the segment compensates the unfavorable insertion of these residues into
the bacterial membrane in vivo. As SMFS experiments were performed at pH 3.8, residues Asp-
163 and Asp-164 were protonated (pKAsp=4.5) and did not build a barrier for folding of the
segment that ensured its ultra-fast folding kinetics. Similar observation was done in the laboratory
of D.M. Engelman on folding of a-helix C of bR 210: The hydrophobicity of the polypeptide was
tuned via pH-driven protonation of Asp residues that promoted proper folding and membrane
4. Single-molecule approach to membrane protein folding
52
insertion of the domain. Apart from that, acidification of a solute triggers the membrane insertion
of some toxins 211, 212.
Figure 4.3. Stabilization of refolded NhaA domains. Average unfolding forces and their
standard deviations were measured for refolded structural domains of NhaA. Generally, their
stability increased with time given for refolding and, subsequently, with the amount of
structures folded. This possibly reflects a critical role of intramolecular interactions in mutual
stabilization of the protein domains and formation of its native structure.
As follows from Fig. 4.2, formation of the whole helical pair V&VI occurs significantly slower, with
the rate of 1.2 s-1. Thus, the stable segment at 225 aa forms a folding core of the whole structural
domain, similarly to observations of Riley et al. 213, 214. Therefore, this folding intermediate state
must form a wide valley on the energy landscape of the protein, as many molecules passed
though this conformation (Fig. 4.5). As the peak at 225 aa was also detected upon unfolding
intact NhaA molecules, folding and unfolding trajectories of NhaA may pass through the same
valley on the energy landscape 215. The observations of folding hierarchy and priority may further
imply that the formation of the Na+-binding pocket of NhaA was “fine-tuned” during evolution,
which ensured its proper fold and enhanced stability.
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Figure 4.4. a-Helix V of NhaA folds against external force. Slow relaxation (20 nm/s) of
NhaA polypeptide allowed observing a snap-in in the relaxation trace (encircled). It was
assigned to ultra-fast folding of the a-helix V, which occurred prior the whole polypeptide
chain was relaxed.
Figure 4.5. Folding pathway for the
hel ical  pair  V&VI. S M F S
measurements allowed to observe a
folding intermediate of the helical
hairpin and to estimate the folding
kinetics of each stage. According to
this information, a fragment of NhaA
energy landscape was reconstructed
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4.3.4. Membrane protein misfolding
While refolding times below 1 s often resulted in force peaks not typical for NhaA unfolding, those
were eventually observed even after a polypeptide chain was relaxed for 5 s or more. The most
prominent example is a force peak at ª180 aa that appeared approximately in each 5th refolding
event despite changes in folding time. Based on its contour length the peak was related to
rupturing interactions within the helical pair VII&VIII, a structural segment characterized by the
slowest refolding kinetics (Fig. 4.2). According to NhaA structural information, in the intact
molecule helices VII and VIII contain only 14 aa residues each. The domains form a helical
hairpin on the periphery from the ion-translocating channel (Fig. 1.5). In its native conformation
the segment demonstrated highly cooperative unfolding due to strong interactions established
between the helices. Unfolding of the hairpin within intact NhaA results in an intensive peak at
163 aa (Chapter 3), hence strong molecular interactions detected at 180 aa must reflect a non-
native conformation. Not being able to protrude the bilayer, this region of the protein is apparently
biased to forming misfolded conformations or aggregating over the membrane surface.* Lacking
folding kinetics after 1 s time evidences that the hairpin is a misfolded form, rather than a folding
intermediate: Folding via an intermediate state predicts a decrease in concentration of the
intermediate with time, while concentration of final folded form increases. However, Fig. 4.2
shows that even at the 15 s time amount of NhaA molecules hosting non-native interactions did
not change, while a fraction of properly folded segments gradually raised. The observation is in
agreement with a view that folding and formation of non-native interactions are two alternative
competing processes, and misfoded molecules are those which chose a dead-end pathway on
the energy landscape 78. At this stage it was not possible to conclude on nature of the misfolded
conformation. One can speculate, that the polypeptide segment might form an alternative
transmembrane form, e.g. 310 helices 8, as their dimensions would allow penetrating the
membrane. Another possibility is a partial anchoring within the membrane core or resting within
the interfacial region 6, 216.
                                                 
* Similar observations were made earlier in SMFS studies on I27 refolding 204.
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4.4. Conclusions
While a significant progress in understanding of the membrane protein folding has been achieved
since first experiments on bR refolding in vitro in 1980, a detailed theory of the process is still
lacking. The complex environment of membrane proteins often limits capabilities of conventional
techniques, thus new experimental approaches may provide complement information on folding
dynamics. Here I presented a first application of SMFS to decipher folding of individual NhaA
antiporters. Similarly to unfolding experiments, studying folding by AFM allows not only working at
single-molecule level, but also probing conformation and stability of individual structural segments
of membrane proteins.
In the experiments I showed that the final NhaA conformation depends on refolding time, and the
estimated folding kinetics agreed with values obtained in ensemble experiments. However, a
certain caution must be kept, when comparing results from single-molecule and bulk studies.
Clearly, experimental conditions suggest striking differences in the reference denatured state.
While chemical denaturants as urea and Gdn-HCl only cause significant distortions within
transmembrane domains of a protein that finally keeps ª55% of its a-helical content, mechanical
force as a denaturant ruptures all tertiary and secondary interactions within a molecule, and the
denatured polypeptide is extracted out of the membrane. Most probably, the observed folding
rates characterize insertion of folded helices into the membrane, while prior coiling and initial
interactions with the membrane were not resolved with the exploited AFM set-up. Recently J.M.
Fernandez and H. Li proposed to use single-molecule force clamp measurements for describing
folding of small globular proteins 204. In these experiments the unfolded polypeptide chain is
tethered between the AFM tip and the surface under relatively small constant load of 30-50 pN,
while the end-to-end distance of the molecule is recorded with time. The experiments
demonstrated the ability of biomolecules to fold at described conditions and revealed distinct
phases within the folding pathway. I expect that it is highly promising to exploit the approach for
studying folding of membrane proteins, as individual subsequent stages can be resolved and
described in detail with a relative easiness.
In presented experiments I demonstrated that domains of NhaA were not only characterized by
individual folding rates, but also demonstrated different propensities to fold or to misfold.
Apparently, a choice between these alternative pathways strongly depends on the primary
structure of the protein. Similarly to conventional approach, SMFS studies on mutated protein
forms would determine roles of individual aa residues upon folding. It seems also interesting to
study influence of other factors on misfolding of membrane proteins, e.g. buffer conditions 210,
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temperature 89, lipid composition 88. Several bulk studies in the last decade showed that changes
can efficiently modulate folding and insertion of membrane proteins, so they may play crucial
roles when human proteins acquire their conformations.
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5. Functional activation of NhaA
5.1. Introduction
Recent studies on DNA 217 and proteins 218 demonstrated that single-molecule force
measurements are able to detect minor structural differences, up to individual hydrogen bonds
and salt bridges. However, no reports on detecting changes in molecular interactions, which
determine activity of biological molecules have been published. Since SMFS allows sensitive
detection of molecular interactions that stabilize protein structure, it seems highly promising to
apply the technique for probing changes in protein interactions that govern functioning and,
possibly, global conformation. NhaA represents an extremely interesting object for such a type of
study. Firstly, its activity is switched from zero level to the maximum within one pH unit and NhaA
works as the fastest solute transporter studied so far (catalytic-center activity ª 89 000s-1) when
activated 111. This suggests that the molecular mechanism behind must be highly optimized and
molecular interactions are unlikely to form a complex pattern. Secondly, information on activation
mechanisms of NhaA might shed light on functioning of mammalian Na+/H+ exchangers. Even
with the resolved structure of the protein many questions are still awaiting for answering: What
conformational changes do occur upon activation? What is the geometry of the ligand-binding
pocket in its active conformation? What are the intra- and intermolecular interactions established
upon the ligand binding? The SMFS experiments I present below distinguish different functional
states of NhaA on the base of their stability, detect binding of Na+ to the protein, and reveal an
early activation step of NhaA at pH 5.5 that alters interactions within the substrate binding-pocket
188.
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5.2. Experimental procedures
5.2.1. Measuring NhaA activity
Activity of NhaA was tested by measuring the active transport of sodium ions over the membrane.
For this purpose the electrophysiological method of solid supported membranes was used 219. For
the investigation the protein was re-solubilized out of the 2D crystals and reconstituted in
liposomes. The measured pH-profile of activation was identical to that obtained by transport
measurements of 22Na done by Padan et al. 111
5.2.2. AFM measurements
Two different preparations of NhaA two-dimensional crystals with unit cell dimensions of 38x181
Å and 77x121 Å were used. Unfolding pathways, stability, and a pH response were identical for
both samples. Detailed preparation of the sample for SMFS was described in Chapter 3.2.
Experiments were performed in buffer solutions containing 150 mM KCl and 50 mM NaCl at pH
3.8 (20 mM citric acid), 4.5 (20 mM K+-acetate), 5.0 (20 mM citric acid), 5.5 (20 mM MES), 6.3 (20
mM HEPES), 7.1 (20 mM HEPES), and 7.7 (20 mM Tris-HCl). Na+-free buffers contained less
than 0.1 mM Na+ as estimated by atomic absorption spectroscopy at Department of Analytical
Chemistry, TU Dresden. Upon buffer exchange the setup was equilibrated for 30 min. Single-
molecule force measurements were performed with long-legged thin V-shaped NP-S cantilevers
(di-Veeco, USA).
5.2.3. Data analysis
Percent probability and average unfolding forces were calculated for each force peak. The
standard error of the mean frequency value was derived from the binomial distribution. I analyzed
74 (pH 3.8), 43 (pH 4.5), 60 (pH 5.0), 70 (pH 5.5), 59 (pH 6.2), 68 (pH 7.1), 74 (pH 7.7) events at
the pH indicated. Distributions of unfolding force and percent probabilities vs. pH were fitted using
the sigmoid function described by
† 
f (pH) = C1 +
C2
1+ log-( pH - pH0 )
(5.1)
Here C1, C2 determine the limits of the function at low and high pH values, and pH0 is the mid-
point of the transition.
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5.3. Results and discussion
5.3.1. Activation of NhaA does not affect its overall stability
Unfolding the active conformation of NhaA at pH 7.7 in presence of 150 mM KCl, 50 mM NaCl
provided F-D traces similar to ones recorded at pH 3.8 (Fig. 5.1a-c). This allowed discriminating
unfolding pathways starting either at N- or C-terminal end of NhaA, as described in Chapter 3.
Remarkably, when pH of the solution was increased to physiological values, the probability to
attach the N-terminal end of NhaA to the AFM stylus had decreased dramatically, from 30% to
~5% of all unfolding events. Biochemical studies showed that the N-terminal end undergoes a
conformational change at pH 7.0 130, so its accessibility for the AFM stylus could be altered. Thus,
only C-terminal unfolding events were analyzed further.
To characterize molecular interactions that stabilize the active conformation of NhaA each F-D
trace was analyzed. All force peaks previously reported for pH 3.8 were reproducibly observed at
the enhanced pH. Comparison of unfolding forces of individual helical pairs in different functional
states showed that NhaA molecules did not change their overall stability. Since unfolding
pathways and stability of major folding units remained, I concluded that the molecular interactions
within NhaA molecules did not undergo global changes upon activation. The result is not
surprising, as the high turnover of NhaA does not suggest dramatic conformational change, but
rather local structural alterations. Moreover, the projection map of NhaA did not reveal changes in
the structure at 8 Å resolution (Ch.Ziegler, unpublished results).
5.3.2. Molecular interactions are altered within the ligand-binding pocket
The most interesting observation was made on molecular interactions establishing a force peak at
225 aa. The inactive conformation of NhaA was characterized by weak interactions detected
within a-helix V. Unfolding of the cytoplasm-facing part of the helix resulted in the force peak of
ª75 pN in each third F-D trace. NhaA folding studies (Chapter 4) suggested that the stability of
the domain at pH 3.8 does not depend on the rest of the protein since the interactions within the
helix were efficiently established while the remaining molecule was unfolded. When NhaA was
activated via changing the solution pH to 7.7 stability of the domain dramatically increased to
ª110 pN, i.e. ª50% (Fig. 5.1a-c and Fig. 5.3a). Moreover, the force peak at 225 aa was detected
with a much higher frequency of ª95% when unfolding activated NhaA molecules (Fig. 5.3b).
Since no change in the conformation was observed by cryo-EM at 8 Å resolution, the local
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Figure 5.1. Stability of NhaA molecules upon activation. Superimpositions of F-D traces
recorded upon single NhaA unfolding at pH 3.8 (a) and (b) 5.5 (inactive states) and (c) pH 7.7
(active state) at electrolyte concentrations of 150 mM KCl and 50 mM NaCl. The pH-dependent
unfolding peak at 225 aa is encircled. To prove the reversibility of the pH dependent change
NhaA was incubated for 1 h at pH 7.7 and unfolded at pH 3.8 (d). Significant restoration of the
protein stability suggests the reversibility of molecular interactions. (e) Force-extension curves of
NhaA recorded at pH 7.7 in absence of NaCl significantly reduced molecular interactions within
the protein. 20 force-extension curves were superimposed for each figure. (f) Average unfolding
forces of helical pairs. Forces and standard deviations are plotted for different pH values at 150
mM KCl and 50 mM NaCl. Pairs of neighboring helices tend to unfold cooperatively giving force
peaks at 163 aa (helices VII&VIII), 202 aa (helices V&VI), 259 aa (helices III&IV) and 317 aa
(helices I&II).
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stabilization in the core of the protein should arise from subtle alterations in intramolecular
interactions. As the a-helix V forms a key part of the ligand-binding pocket of the transporter it
was tempting to relate the change in stability to rearrangements that accompany the pH-driven
activation. A first evidence for this came from the reversibility of the stabilization. Thus, when pH
of the solution was lowered to 3.8, the stability of the domain decreased to the original value of
78±27 pN (Fig. 5.1d), so the change in molecular interactions was not caused by non-specific
aggregation.
To study the observed pH-sensitive stabilization in greater detail I have performed forced
unfolding of NhaA at different buffer solutions varying in pH from 3.8 to 7.7 at the saturating
sodium concentration of 50 mM (Km=0.5 mM). At every condition intensity of the force peak at
225 aa was measured for individual molecules and the frequency of the peak appearance was
calculated (Fig. 5.3). When plotted against pH, both characteristics showed gradual rise with
increase in pH that reflects stabilization of the domain. From fitting the data to the sigmoid
function given by Eq. (4.1), the mid-point of the transition was determined at pH 5.4 for the
average unfolding force and at pH 5.7 for the peak probability (Fig. 5.4, dashed line). Both values
had an acidic shift of ~2 pH units away from the activating pH range observed in biochemical
experiments (pH 7-7.5). From the graphs it also followed that prior to the activation at pH 7.5
molecular interactions within the functional site were altered in more than 90% of NhaA
molecules. This somehow contrasts with the idea of a single conformational change regulating
NhaA activity, but rather assumes that a series of local structural rearrangements might take
place. Since the structure of the active NhaA conformation is not resolved yet, the exact answer
on the stabilization mechanism can be hardly given. Presence of several polar and charged
residues within the ligand-binding pocket implies that the stabilization observed in SMFS
experiments can have electrostatic origins. If aspartic residues at positions 163, 164, and 133
become de-protonated with increasing pH, strong and long ranging bonds will be established with
a partial positive charge of the unwound parts of helices IV and XI, their charged and polar
residues and sodium ions. Importantly, when the AFM stylus pulls NhaA from its C-terminus the
a-helix XI is unfolded in a first step, so its interactions with helices IV and V should be further
neglected. In contrast, helices
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Figure 5.3. Stability of helix V derived from single-molecule unfolding events. Distribution of
unfolding forces of helix V (peak 225 aa) in presence of Na+ is given by histograms for pH 3.8 (a),
5.5 (b), and 7.7 (c). (d) Removal of Na+ ions from the buffer solution significantly reduced the
molecular interaction within the substrate-binding site. Approximately 70 single-molecule
unfolding spectra were analyzed at each pH (see Materials and Methods). Distributions a and c, c
and d are statistically different with a significance of p < 0.001. Black bars on the left of the
histograms represent unfolding events, where no peak was detected at 225 aa.
IV and V remain in close contact within the membrane. Hence the stabilization of helix V must
originate from electrostatic interactions with the a-helix IV. The most recent modeling on
electrostatic interactions within the pH-locked NhaA conformation 220 predicted that the residues
could not release protons if no change in their environment had occurred. Presented SMFS data
suggest that structural rearrangements may take place here at the pH range 5.0-6.0 prior the
activation of the protein. While being novel, this conclusion does not contradict other biochemical
and biophysical data, as no studies have been performed so far at the discussed conditions.
5.3.3. Na+ affects molecular interactions within the activated NhaA
Observing a change in molecular interactions within the ligand-binding site immediately posed the
question on a possible role of the ligand, i.e. Na+ ions, in NhaA stabilization. Several transport
proteins, including LacY, were shown to depend structurally on substrate binding 221-223. To study
protein:ligand interactions, I additionally probed NhaA stability in solutions (i), containing 200 mM
NaCl or (ii), containing 200 mM KCl keeping the ionic strength constant. Because of the large size
of potassium ions, the NhaA does not transport them. Logically, one should not expect them to
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Figure 5.4. Establishing alternative molecular interactions within the ligand-binding pocket
of NhaA. SMFS experiments were used to follow the stabilization of a-helix V in a wide pH range.
(a), Unfolding forces at the peak 225 aa and (b), frequency of the peak appearance in single-
molecule unfolding events are shown with SEM values for every studied pH. The mid-point of the
stabilization was detected around pH 5.5 (dashed lines).
have a specific influence on the binding site. The experiment showed that in absence of sodium
or lithium ions the stability of helix V was reduced to 87 pN at pH 7.7 (Fig. 5.1e and Fig. 5.3d).
The frequency of detecting a peak at 225 aa also decreased to ~60% (see Fig. 5.3d, black bar).
As soon as 50 mM of NaCl or LiCl were introduced into the solution, the stability of NhaA
recovered. In presence of 200 mM NaCl NhaA stability did not change further. Thus, it is evident
that Na+/Li+ ions affect molecular interactions within the binding site in its active conformation. X-
ray crystallography did not visualize a sodium ion within the protein 114, so the network of
interactions formed upon binding remains hidden. However, certain hypothesis might be
proposed to explain a mechanism of the stabilization. The recently obtained crystal structure of
another sodium transporter LeuTAa suggests substantial hints on protein interactions with
cations224. Structures of Na+-binding sites of both transporters are presented on the Fig. 5.5.
Some remarkable similarities in their architectures should be considered: Firstly, in both proteins
pairs of partly unwound a-helices are involved in ligand-binding sites (a-helices I and VI in
LeuTAa; IV and XI in NhaA). Secondly, several polar or negatively charged residues (Asn-27, Trp-
254, Asn-286 in LeuTAa) are exposed within the binding pocket. These residues establish
electrostatic interactions with a partial charge of unwound helices preventing unfavorable
interactions with non-polar lipid tails. Additionally, higher resolution in case of LeuTAa (1.65 Å
against 3.45 Å of NhaA) allowed observing bound substrates, 2 Na+ ions and a leucine molecule.
As shown in Fig. 5.5, one of Na+ is located in the center of a channel formed by helices I, VI, and
VII. The cation serves as a coordinating center for surrounding polar residues. Established bonds
reduce flexibility within the region and stabilize the protein. Most probably, cation binding in NhaA
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Figure 5.5. Functional sites of sodium transporters. (a) The functional site of NhaA involves
a-helix V, and two partly unwound a-helices IV and XI. (b) The core of leucine/sodium transporter
LeuTAa contains two Na+-binding sites embedded by partly unwound a-helices I and VI, and
neighboring a-helix VII. The position of a bound Na+ (gray) is shown. Functionally important
residues of both proteins are highlighted.
occurs in a similar way, and a consequent stabilization of the binding site is detected in SMFS
experiments.
It is worth mentioning that recent SMFS studies on mouse dihydrofolate reductase demonstrated
a dramatic increase in stability of the protein substrate-binding site that occurred upon binding a
small methotrexate molecule 225, 226. Together with results presented above it suggests SFMS as a
powerful technique for detecting and quantifying protein:ligand interactions that can be used both
for basic research and applied studies, such as drug screening 227.
5.3.4. SMFS detects structural changes within NhaA
Apart from the stabilization of the ligand-binding site, the activation of NhaA altered other
interactions within the protein structure. According to the current model of NhaA functioning, the
cytoplasmic loop VIII-IX is directly involved in the protein activation 126 and a conformational
change within the loop has been experimentally shown at pH 7.5 129. In SMFS experiments about
40% of pH-activated protein demonstrated a new peak at 140 aa in their force spectra (Fig. 5.6).
Appearance of the new intermediate reflected a change in molecular interactions at the
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 cytoplasmic end of helix IX. Intensity of the peak was rather low, about 30-40 pN. Apparently,
altered geometry of the helix and its contacts with the ligand-binding site 114 might be behind this
stabilization effect.
Similarly to bR and other membrane proteins, NhaA molecule unfolds in a well-defined manner,
so its structural elements unfold subsequently when stabilizing interactions within are ruptured.
The last force peak at 328 aa at pH 3.8 reflects cooperative unfolding and extraction of structured
loop I-II and a-helix I. However, at pH 7.7 F-D spectra of NhaA unfolding eventually ended with
an additional peak (Fig. 5.6). WLC fitting of the peak provided a contour length of ~400 aa, i.e.
the new unfolding barrier was located within the N-terminal end of NhaA. The region undergoes a
structural change upon activation 130, so it can be imagined that this short polypeptide segment of
11 aa residues establishes interactions either with a neighboring NhaA monomer or with polar
heads of PG lipids around. These interactions could anchor the molecule at the surface building
the final barrier against NhaA extraction. The typical rupture force here was about 40-50 pN, but
sometimes it reached 100 pN.
Figure 5.6. Activation of NhaA results in stabilization of functional domains. SMFS
experiments on NhaA at pH 7.7 detected molecular interactions established within helix IX/loop
VIII-IX and N-terminal end of the molecule. These observations were in agreement with
biochemical data.
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5.4. Conclusions
As the number of known membrane protein structures has been gradually increasing in the last
few years, it has become possible to assess molecular mechanisms that govern biological activity
of these proteins. New approaches are particularly welcome here as they might provide additional
insights in structure-function relations. The experiments presented above demonstrate a high
potency of single-molecule force measurements for characterizing functionally important
interactions within a membrane protein. Unfolding of individual Na+/H+ antiporters in pH-locked
and pH-activated conformations has detected local changes in stability of structural elements
upon activation, which were previously shown by conventional biochemical techniques.
Importantly, SMFS also allowed detecting a significant and highly reversible change in molecular
interactions within the substrate-binding site of the transporter, which was not previously
observed. Ability to perform SMFS experiments at various conditions allowed probing these
interactions at different pH levels, so their formation and strength were characterized in detail.
Structural information on NhaA suggested that de-protonation of functionally important aspartate
residues result in electrostatic interactions established within the cation-binding pocket and a
consequent stabilization of transmembrane domains. pH-Dependence of the observed
stabilization is shifted for ~2 pH units to the acidic region compared to NhaA activation profile.
Most probably, the change in interactions within the substrate-binding pocket forms an additional
step in activation of the protein (Fig. 5.7). I also showed that Na+ ions increase the stability of the
domain suggesting that they can interact with NhaA prior the final activation step.
Figure 5.7. Activation pathway of NhaA. SMFS study proposed a refined model of NhaA pH
response. De-protonation of aspartate residues within the substrate-binding site at pH 5.5 was
implemented in the activation mechanism as an intermediate step.
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6. Detecting protein:inhibitor interactions by SMFS
6.1. Introduction
As described in Chapter 1.3.2, inhibition of Na+/H+ exchange can efficiently prevent ischemia and
reperfusion development in humans 98. Since no crystal structure of any transporter of NHE family
is available it is hardly possible to study mechanism of the inhibition in detail. Alternatively,
homologous bacterial transporters can serve as model systems and provide fundamental
information on molecular interactions established upon an inhibitor binding. Again, significant
amount of information on NhaA structure and functioning makes it a promising object for inhibition
studies on the molecular level. However, the Na+ transport performed by NhaA was shown to be
non-sensitive to amiloride and its numerous derivates 228, which are commonly used to inhibit Na+
transport in eukaryotic cells. This suggested that either structure of the ligand-binding site in
NhaA differs from other sodium transporters, or that the site is not accessible for amiloride
molecules due to steric constraints. Alternatively, a small naphthalene derivate 2-
aminoperimidine229 (AP) containing a guanidine moiety (Fig. 6.1a) efficiently inhibits NhaA activity
with IC50=0.9 mM 230. In the study below I used SMFS to detect binding of AP to single NhaA
molecules and to characterize binding mechanism and molecular interactions formed within
NhaA:AP complex. I also propose an approach to extract IC50 value from single-molecule force
measurements.
Figure 6.1. Structure of 2-aminoperimidine (a) and its absorption spectrum in water (b).
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6.2. Experimental procedures
6.2.1. AFM set-up and measurements
Initial experiments were performed on NanoScope IIIa equipped with a red laser lNS=655 nm in
the optical lever detection system. Loading an AP solution in the fluid cell led to gradual decrease
in intensity of the deflected laser beam, as integral signal on the photodetector decreased
~2V/hour (25-30%). The effect was observed both in water and salt-containing solutions.
Apparently, it was not caused by changes in optical density of the solution, as exchanging AP
solution for nano-pure water did not recover intensity of the signal. Moreover, AP cannot normally
be excited at wavelength higher than 380 nm (Fig. 6.1b) 229 that is far below the emission
spectrum of the laser. However, the laser might interfere with the AP via a two-photon excitation,
as lNS/2ª325 nm. Due to low intensity of the semiconductor laser the excitation can only occur if
promoted by resonance effects at a charged or conducting surface, such as the gold-coated
surface of the AFM cantilever. Indeed, when the chip was exchanged, intensity of the reflected
laser beam recovered that proved certain photochemical processes occurring on the cantilever
surface.
In further experiments I used NanoWizard LifeScience AFM (JPK Instruments, Germany)
equipped with an infra-red laser of lJPK=850 nm. Consequently, lJPK/2=425 nm is far above the
adsorption peak of AP. When working in AP solutions the laser intensity was stable over the
experiment duration time, i.e. 4-5 hours. NanoWizard AFM was installed on inverse Zeiss
Axiowert 200 optical microscope and was equipped with X-Y capacitive sensors and a closed-
loop feedback allowing for reproducible and long-time stable positioning of the cantilever. AFM
imaging and single-molecule force measurements were performed with long-legged V-shaped
NP-S cantilevers (di-Veeco, USA) and short-legged V-shaped OTR4 cantilevers (Olympus,
Japan). Individual NhaA molecules were attached to the AFM stylus by non-specific physisorption
and pulled at 120 nm/s speed.
6.2.2. Sample preparation
In experiments I used 2D crystals of NhaA of 77x121 Å unit cell dimensions. The sample was
immobilized on Ø8 mm mica discs glued on glass micro slides (Gold Seal Products, USA). After
rinsing the sample rinsed with the immobilization buffer, a Ø15 mm O-ring was mounted around
the mica disk and fixed by vacuum grease (Fig. 6.2). For experiments the volume inside the O-
ring was filled with 1 ml of the buffered solution. AP stock of 250-300 mM was prepared in nano-
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pure water and was kept away from light. Prior experiments AP was introduced to buffered
solutions up to the desired concentration. The final concentration of AP was determined from
absorption spectra of the solutions on Specord 30 spectrophotometer (Analytik Jena, Germany)
at l=305.5 nm (Fig. 6.1b) using the extinction coefficient eAP=7500 M-1•cm-1. 229 SMFS
experiments were performed in solutions containing 190 mM KCl and 10 mM NaCl at pH 3.8 (20
mM citric acid) and 7.7 (20 mM Tris-HCl) if other is not mentioned in text. To study AP
interactions with the ligand-binding site the experiments were performed in Na+-free buffered
solutions containing 200 mM KCl and 20 mM Tris-HCl, pH 7.7. Na+ concentration was less than
0.1 mM as estimated by atomic absorption spectroscopy at Department of Analytical Chemistry,
TU Dresden. Upon buffer exchange the setup was equilibrated for 30 min.
Figure 6.2. Design of a supporting surface for experiments on JPK NanoWizard AFM. The
NhaA sample was adsorbed from the buffered solution onto the flat mica surface. The mica was
mounted over a glass micro slide. Plastic O-ring was installed around the mica disk and fixed with
vacuum grease to make a cavity for  ~1 ml of buffer solution.
6.2.3. Data analysis
Analysis of F-D traces and measuring unfolding forces were performed as described in Chapter
3. Several strategies were considered to quantify ratio of active NhaA molecules and inhibited
NhaA•AP complex detected in experiments. Since AP binding stabilized NhaA molecules
significantly, the fractions were well separated in unfolding force histograms for the a-helix IX.
Free NhaA molecules rarely demonstrated unfolding forces higher than 110 pN at 125 aa force
peak. Simple counting of unfolding events with forces below and above this threshold could
provide an estimation of NhaA and NhaA•AP concentrations. However, this approach would not
properly describe a region of 100-120 pN, where the fractions partially overlapped. Additionally, it
would be highly sensitive to the instrumental error in measuring spring constants of AFM
cantilevers, particularly at low NhaA•AP concentrations. As an alternative esteem I fitted the
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unfolding force distribution with a pair of Gaussian peaks G1 and G2. The ratio of their areas
provided relative concentrations of active NhaA molecules and inhibited NhaA•AP complex at





























df = ai . (6.2)
Thus, coefficients a 1 and a2 provided areas, and errors in ai were considered as SEM in further
calculations.
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6.3. Results and discussion
6.3.1. Detecting NhaA•AP complexes
When NhaA was incubated and mechanically unfolded in AP solution force spectra of individual
protein molecules did not differ from ones in AP-free solution, as unfolding pathways did not
change (Fig. 6.3a,b and Table 6.1). The only significant change was observed for the peak at 125
aa. In absence of the inhibitor the average unfolding force here was 75±29 pN (mean±SD, n=61),
but reached 105±41 pN (n=95) in presence of 40 mM AP. Plotting unfolding forces of individual
molecules as histograms provides further fascinating details. Thus, in the absence of AP most
NhaA molecules (>90%) established local interactions of a moderate strength ≈75 pN (Fig. 6.3c).
After exposure to AP, a fraction of NhaA molecules enhanced their local stability to ≈140 pN,
while for others unfolding force did not change (Fig. 6.3d,e). Apparently, the percentage of NhaA
molecules enhancing their interaction at this site increased with the AP concentration. In the
presence of 40 mM AP the histogram showed two populations of NhaA molecules, which differed
by their stability: one fraction was still centered at 75 pN (≈ 60% of molecules) and the other at
140 pN (≈ 40% of molecules). As the stability of membrane and soluble proteins can be
modulated via binding small molecules it was likely that the NhaA stabilization in presence of AP
reflected formation of NhaA•AP complex.
91aa 107aa 125aa 163aa 202aa 225aa 259aa 317aa 328aa
0 mM AP 78±31 74±14 76±34 139±33 103±32 96±22 81±19 73±15 90±24
40 mM AP 78±27 80±26 105±41 144±42 103±31 92±24 89±25 79±18 96±30
Table 6.1. Stability of NhaA structural elements upon the inhibitor binding. When AP was
added at the concentration of 40 mM the only statistically significant change was detected for the
stable segment at 125 aa contour length located within the a-helix IX (p < 0.0001). Unfolding
forces for NhaA stable segments are given in pico-Newtones.
The force peak at 125 aa reflects rupturing molecular interactions involving the transmembrane
a-helix IX (Fig. 6.4). This a-helix contains 25 aa residues and a kink at Leu-262 114. Cytoplasmic
and periplasmic parts of the helix are tilted by 25º and 33º within the bilayer. Such architecture
ensures that this relatively long helix is embedded within the hydrophobic membrane core and
avoids a hydrophobic mismatch on the surface 90, 231. This unique geometry makes it difficult to
precisely locate the unfolding barrier at 125 aa within the protein structure, which should lie
between residues Ala-260 and Ala-270, i.e. within the periplasmic end of the helix and around the
kink. Remarkably, this segment of helix IX is located in proximity to the ligand-binding pocket of
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the transporter and interacts with a-helices IV and XI. Although, helix IX is predicted to participate
in NhaA activation, no evidence of its interactions with the inhibitor could be shown so far.
Figure 6.3. Inhibitor binding changes molecular interactions within NhaA. Superimpositions
of 20 NhaA F-D spectra recorded in absence (a) and in presence (b) of AP, 190 mM KCl, 10 mM
NaCl, pH 7.7. The local change of molecular interactions (encircled) was located at a-helix IX.
Distribution of forces measured at a-helix IX in single-molecule unfolding events at 0 (c), 20 (d),
and 40 mM (e) AP. Two populations of NhaA molecules were detected in presence of AP. Weak
interactions (red Gauss fit) were observed for free NhaA and enhanced interactions (yellow
Gauss fit) for the NhaA•AP complex.
Figure 6.4. a-Helix IX located closely to the
ligand-binding site of NhaA. In the pH-locked
conformation a -helix IX may interact with
helices IV and XI, which build the functional
domain of NhaA. It is likely that their close
contact serves for the conformational change
upon NhaA activation
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6.3.2. AP and Na+: competitive binding to NhaA
Since the change in molecular interactions was located somehow aside from the cation-binding
site, it questions the inhibition mechanism of NhaA. Current biochemical data suggest that AP
binding to NhaA is competitive to Na+ 230, but initial SMFS data can be interpreted as AP binds to
an alternative site involving a-helix IX. To clarify the situation, additional experiments have been
designed. In the first step I aimed to show that NhaA interacts alternatively either with AP or with
sodium ions. For this purpose concentration of NaCl in solution was increased from 10 mM to 200
mM, and KCl was removed to maintain the ionic strength. Concentration of AP was kept constant
at 40 mM. Intuitionally, in case of alternative binding the 20x increase of [Na+] should reduce
formation of NhaA•AP complexes. Force measurements demonstrated the amount of stabilized
molecules has substantially decreased if compared to 10 mM NaCl conditions (see Fig. 6.3e and
Fig. 6.5a), so AP binding was indeed prevented by the excess of Na+.
Still, it can be the case that AP and Na+ are targeted to different binding sites of NhaA, but steric
constraints exclude binding of both molecules. To test this hypothesis I studied interactions of AP
with pH-locked conformation of NhaA. As acidic pH triggers closure of the Na+-binding pocket and
inactivates the protein it also should abolish interactions of the inhibitor with the binding site. The
pH-driven conformational change must be highly localized to ensure a rapid activation and a high
turnover of transport, so the rest of the protein should not be affected. Thus, if AP is targeted to
different site of NhaA, pH-inactivation of the protein should not affect inhibitor binding. When pH
of the solution was lowered to 4.0 the majority of NhaA molecules demonstrated only marginal
stability at a-helix IX (Fig. 6.5b). The average unfolding force was 89±29 pN (n=86). Evidently,
stabilizing protein:inhibitor interactions were abolished in pH-locked conformation of the protein.
Additionally, helix V at the ligand-binding domain (peak at 225 aa) reduced its stability to 60±12
pN and the peak was detected only in ≈40% of unfolding events reflecting decreased interactions.
Upon competitive binding AP must target the ligand-binding site of NhaA and affect interactions
within. Because the guanidine moiety of AP might mimic Na+ ions, we expect a change in
molecular interactions within the site to be similar to Na+ binding. As shown in Chapter 5, pH-
driven activation of NhaA in absence of Na+ is accompanied by a significant change in molecular
interactions at the ligand-binding site of a-helix V. By addition of 50 mM NaCl, these molecular
interactions further increase its strength, which was assigned to Na+ binding. To study
interactions of AP with the ligand-binding site I measured stability of a-helix V in Na+ -free buffer
at AP concentrations of 0 and 40 mM, pH 7.7. Upon addition of the inhibitor stability of a-helix V
increased from 72±15 pN (n=63) to 85±22 pN (n=74), p < 0.05, while the probability to detect a
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force peak at 225 aa increased from 72% to 94%. Evidently, molecular interactions stabilizing the
substrate-binding pocket were affected upon formation of NhaA•AP complex. The marginal
stabilization (≈15%) agrees well with the one measured upon Na+ binding and suggests that AP
interacts similarly with the ligand-binding pocket of NhaA.
The experiments above form a strong basis for characterizing binding mechanism of AP to NhaA.
Observed similarities in molecular interactions established between NhaA and Na+ and between
NhaA and AP can be explained by a competitive binding of Na+ and AP to the same substrate-
binding pocket of the transporter. Still, stabilization of the a-helix IX in NhaA•AP complex remains
a puzzle, as the crystal structure of NhaA active conformation is not known. Change in molecular
interaction might be determined by a hydrophobic naphthalene element of AP structure and its
contacts with hydrophobic side chains of transmembrane domains. On the other hand, binding
AP to NhaA might stabilize and “freeze” a certain conformation, so altered helix-helix interactions
enhance stability of helix IX.
Figure 5. Na+ and pH modulates inhibitor
binding. Histograms of the a-helix IX stability
reflect a reduced AP binding due to excess of a
competing substrate (a ) and pH-locked
conformation (b) of NhaA.
6. Detecting protein:inhibitor interactions by SMFS
75
6.3.3. SMFS allows estimating IC50 of aminoperimidine
Populations of activated NhaA and inhibited NhaA•AP complexes (Fig. 6.3c,d,e) reveal the
binding efficiency of AP. In conventional approaches the concentration of the complexes formed
are measured over the ligand titrations until reaching a saturation of ligand binding. Equilibrium
binding constants revealed describe the ligand concentration required binding half of the proteins.
From fitting free and inhibitor-bound NhaA fractions with Gauss peaks, G1 and G 2, respectively




















Within AP concentrations from 0 to 40 mM I did not observe a binding saturation, and the
NhaA•AP concentration increased almost linearly with the AP content (Fig. 6.6, filled circles). This
is a surprising result, since it has been shown that 30 mM AP efficiently abolishes NhaA activity in
proteoliposomes. Nevertheless, an apparent binding efficiency can be estimated from NhaA•AP
and free NhaA ratio, as it was done recently for characterizing the formation of DNA-protein
















NhaA • AP[ ]
NhaA free[ ] AP[ ]
= IC50
-1 (6.5)
Calculating the average IC50 from AP concentrations studied provides a value of 88 mM.
Compared with value obtained from NhaA activity assays (IC50 = 0.9 mM), it may be concluded
that SMFS analysis strongly underestimates the inhibitor affinity.
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Figure 6.6. Single-molecule equilibrium
binding assay. The inhibitor binding to NhaA
was studied at 190 mM KCl, 10 mM NaCl, pH
7.7. Relative concentrations of NhaA•AP
complex, i.e. the inhibitor binding efficiency can
be estimated from SMFS experiments
(mean±SEM are shown). The values are
further used to calculate IC50 constant of AP
(see in text). Unfolding NhaA molecules at 120
nm/s (filled circles) and 1200 nm/s (empty
circles) pulling velocities did not reveal
changes in apparent binding of the inhibitor.
Several factors may affect the apparent inhibitor binding. Interactions of the AFM stylus with the
membrane surface could disturb the protein or its environment causing a rapid dissociation of the
NhaA•AP complex. To prove this assumption, we reduced the contact force applied to attach the
NhaA C-terminus to the AFM stylus from ≈700 to ≈150 pN. However, no increase in NhaA•AP
concentration could be observed (Fig. 6.7) suggesting that the contact force is not the origin of
the overestimated IC50.
Before probing molecular interactions of a-helix IX, helices XII, XI, and X and their connecting
loops have been unfolded and removed from the membrane. Loss of these domains may
significantly reduce possible tertiary interactions with the remaining antiporter structures.
Particularly, a-helix XI might play an important role here as it forms a part of the ligand-binding
pocket. Since unfolding of these NhaA segments requires a finite time (≈250 ms at 120 nm/s
pulling speed) the inhibitor may have already left the NhaA•AP complex. Re-association is not
favored due to the incomplete protein structure. Apparently, the structural distortion increases a
dissociation rate and decreases AP binding affinity. As binding/unbinding of small molecules
typically occurs at millisecond time scale, NhaA might experience multiple binding events while
being mechanically pulled in a SMFS experiment. Indeed, unfolding NhaA molecules at 1200
nm/sec shows no significant change of the binding efficiency (Fig. 6.6, open circles), and the
estimation of IC50 = 69 mM agrees well with the IC50 = 88 mM obtained at much slower unfolding
speeds.
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Figure 6.7. Apparent binding of the inhibitor
did not depend on the initial contact force.
Single-molecule force measurements did not
reveal an increase in NhaA•AP concentration if
the initial force applied to the surface with the
AFM stylus was decreased from 700 pN to 150
pN.
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6.4. Conclusions
Ligand-protein interactions serve key pathways to regulate protein activities. Designing small
molecules, which specifically bind to proteins and modulate the function of various protein classes
has become important for pharmaceutical research and application. Elaborate screening over
hundreds of synthesized compounds allows discovering those few, which might have a
therapeutic effect. However, the underlying molecular mechanisms of drug binding and switching
of a targeted protein is often far from being clear, as only minor insights into established
molecular interactions are available. At the same time, modern biophysical approaches can
provide unique and detailed information on biological processes occurring down to a single-
molecule level. For the first time we demonstrated that SMFS is capable to locate and to quantify
molecular interactions established between the membrane-embedded Na+/H+ antiporter NhaA
and its inhibitor AP 227. Observations that AP and Na+ competitively interacted with the NhaA
ligand-binding site, as well as that AP and Na+ were unable to interact with the pH-locked
conformation of the transporter support the hypothesis that AP molecules are targeted to the
NhaA binding site in a similar way as the ligand. This finding is supported by biochemical data.
Besides detecting that AP interacts similarly with the ligand-binding site of the antiporter, the
SMFS measurements revealed interactions established at transmembrane a-helix IX, as strong
stabilization of the domain was observed in presence of AP. It was not possible to reveal
molecular origins of the stabilization, but it may originate either from direct interactions of helix IX
with the bond AP molecule or from conformational changes of NhaA. Further experiments on
interactions with modified inhibitors may resolve the binding mechanism in greater detail†. For the
first time single-molecule analysis allowed distinguishing NhaA molecules in free state and
NhaA•AP complex providing a way to estimate the binding efficiency. This approach may find
various applications locating and characterizing drug interactions such as ligands or inhibitors
with target proteins. Combining such experiments with NMR and EM studies can be a particularly
promising strategy to achieve comprehensive information on ligand- and inhibition-binding
switching the function of complex biological systems.
                                                 
† Our initial attempts to study interactions between NhaA and amiloride with SMFS did not




Single-molecule AFM imaging and force spectroscopy provide powerful approaches to
characterize the structure-function relationship of native membrane proteins and their underlying
molecular interactions in the native environment. Non-destructive AFM imaging allows visualizing
surface structures of individual membrane proteins at sub-nanometer resolution, studying
structural variability and flexibility of structural domains, and observing conformational changes in
response to environmental factors. The oligomeric state and the complex formation of membrane
proteins can be directly followed depending on physiologically relevant conditions, as it was
shown here on the example of NhaA dimers. Our current project is focused on applying AFM
imaging to observe pH-driven conformational changes of sodium/proton antiporters that will
complement structural studies.
The bacterial Na+/H+ antiporter NhaA was considered as a promising system for single-molecule
force measurements due to its moderate structural complexity and well-defined biological activity.
An initial SMFS study allowed characterizing the stability of the protein under mechanical
tension, locating interactions that govern NhaA structure, and reconstructing individual
unfolding pathways of single proteins. A number of intermediate states were observed upon
NhaA unfolding, while pair-wise unfolding of neighboring a-helices was the dominant pathway.
Importantly, interactions established within the functional domain of the antiporter were also
detected in SMFS experiments. The very recently resolved structure of NhaA confirmed our
conclusions on the nature and location of molecular interactions.
Formation of NhaA structural elements was observed when applying SMFS for folding
studies. Folding intermediates of NhaA were described, and the independent insertion of helical
pairs into the lipid bilayer was recognized as a major folding pathway. Time-resolved experiments
allowed quantifying folding kinetics for individual helices and helical pairs, as well as for shorter
structural segments and misfolded domains. To our knowledge, this study provides first insights
into membrane protein folding/misfolding on a single-molecule level.
Knowing spatial structure of a protein allows studying its molecular interactions in great detail, as
well as modeling its behavior in the cell. However, a multidisciplinary experimental approach is
required to describe the protein functioning and regulation. Here the ability of SMFS to
distinguish functional states of the antiporter was demonstrated, as pH-driven switching
between two forms altered molecular interactions within the protein, as well as its stability. These
measurements revealed a significant change in stability of the functional domain of NhaA
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assigned to strong electrostatic interactions. Remarkably, the results provided by SMFS were not
predicted by previous biochemical and biophysical studies and contributed to the understanding
of molecular mechanisms of the protein activation.
Understanding interactions of biological macromolecules with small ligands is a base stone of
pharmacological research. Describing not only binding affinity, but also a mechanism of the
interaction is a great challenge for today, and here a jointed attempt of medical researchers and
structural biologists is needed. As a complementary approach, SMFS can provide information on
bonds established upon binding of small molecules. Here interactions of pH-activated NhaA
with natural ligand (Na+) and inhibitor (2-aminoperimidine) were detected and quantified on
a single-molecule level, and their competitive binding to the functional site of the protein was
shown. Importantly, protein:inhibitor interactions also affected domains not involved into the
ligand-binding pocket. Deciphering details of the binding mechanism should be addressed in
further SMFS experiments in combination with other biophysical and biochemical studies.
These days single-molecule force measurements are widely applied in studying various biological
specimen, and more applications on complex systems should be expected in near future. As it
was postulated in the Introduction, the aim of this work was to establish a new model specimen
for SFMS experiments and to validate potency of the technique for studying biological processes
on membrane proteins. Probing membrane protein folding, activation, and interactions with small
molecules shown here evidently accomplishes the task and opens new prospects for using the




8.1. Inhibitor binding alters energy landscape of NhaA?
SMFS probes the stability of biological molecules by driving them far out of thermodynamic
equilibrium. Recent developments of the technique together with theoretical considerations have
suggested several approaches to estimate the thermodynamic stability of molecules in terms of
Gibbs free energy from non-equilibrium experiments 167, 233. One of the algorithms was developed
by E.Evans, who exploited an original simple model of Bell 234 describing the effect of external
force on the stability of a molecular bond. This Bell-Evans model assumes that the applied force
linearly deforms the energy landscape of the bond lowering the potential barrier between bound
and dissociated states, while the width of the barrier remains. The theory predicts an exponential
increase of the bond dissociation rate with the applied force, and it relates the most probable
rupture force f* with the shape of the non-deformed landscape as:
† 











where xb is a half-width of the potential barrier, ku is a off-rate of the bond determined by the
barrier height in the absence of force, and lr is a loading rate in N/s. Experimentally measuring of
the bond most probable rupture force at different loading rates, the so called dynamic force
spectroscopy (DFS), allows estimating xb and ku. For this purpose most probable rupture force f*
is plotted vs. the logarithm of the loading rate, so the slope of the graph describes xb value, and
its intersection with the ordinate axis – ku.
In many cases results obtained in DFS experiments appear in a good agreement with those from
equilibrium experiments 163, 235. However, in case of a complex energy landscape that contains
two or more potential barriers single-molecule DFS measurements allows distinguishing those
barriers and characterizing them individually at certain ranges of loading rates 167. Forced
rupturing of biotin-streptavidin complex is an example of this case. The DFS plot of the biotin-
streptavidin complex contains several linear regions within 3 orders of loading rates. It was
proposed that higher loading rates cause rupturing the complex after crossing inner barriers, and
lower rates result in crossing outer barriers. Recent DFS experiments on bR 196 showed that
within a wide range of loading rates transmembrane a-helices and helical pairs of the protein are
unfolded after crossing a single energy barrier of 3.2-8.6 Å width. It is unlikely that
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transmembrane domains are extracted out of the membrane in their folded state, as it would
require crossing a barrier of a few nm widths. Instead, they can be either unfolded within the
membrane, when their hydrogen bonds rupture at critical mechanical tension 196, or after a minute
vertical shift towards the membrane interface region 199.
While first DFS experiments were focused on stability of individual structural elements of
membrane proteins, no analysis of rupturing local interactions within transmembrane domains
has been performed so far. However, these interactions often determine specific protein fold and
functioning. To fill this gulf, I performed DFS experiments on pH-activated NhaA form in presence
of AP and focused on stability of functionally important interactions within a-helices V (225 aa
peak) and IX (125 aa peak). Unfolding of a helical pair III&IV (259 aa peak) and a helical hairpin
VII&VIII (163 aa peak) were also studied providing a reference.
To ensure studying a wide range of loading rates, unfolding of NhaA was performed at pulling
speeds (u) 60, 120, 300, 650, 1200, 2500, and 4200 nm/s. At every speed mean unfolding forces
were calculated for stable segments and loading rates were calculated as:
† 
lr = u * dF
























where x* is tip-sample separation prior the unfolding event. In agreement with results of Chapter
6, the inhibitor binding resulted in two NhaA populations differing by the stability of a-helix IX. At
every loading rate histograms of helix IX unfolding forces allowed separating NhaA and NhaA•AP
fractions (Fig. 8.1a-c), so mean unfolding forces were calculated for both NhaA states. The mean
unfolding forces for all studied stable segments are plotted vs. logarithm of loading rates (Fig.
8.1d,e and 8.2). Evidently, a simple linear dependence was observed for all of them, but the
a-helix IX. At low loading rates unfolding of this domain demonstrated similar dependence on
loading rate both for NhaA and NhaA•AP, so their xb values were 3.1 Å and 4.8 Å, respectively.
When loading rate reached 105 pN/s the apparent stability of helix IX in NhaA•AP complex
increased dramatically, as it followed from the change in the graph slope (Fig. 8.1e). In contrast,
stability of the domain in free NhaA was rising gradually over whole studied range of lr (Fig. 8.1d).
Since all other stable segments demonstrated similar monotonic behavior, it ruled out a possible
error in the AFM probe calibration. Observed biphasic unfolding behavior of a-helix IX resembles
forced rupturing of biotin-streptavidin complex that may cross several energy barriers prior the
dissociation. Thus, it is tempting to speculate that in AP-bound state a-helix IX (but not helix V!)
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may be unfolded after crossing two different energy barriers of 4.8 Å and 1.2 Å width. Apparently,
high loading rates has revealed an energy barrier located as close to native state as 1 Å that has
not been observed for membrane proteins before. Unfolding rate for this transition is ~20 s-1 that
is much higher than for other NhaA transmembrane domains (data not shown). It can be
suggested that this complex unfolding behavior is determined in some way by NhaA•AP
dissociation reaction that would propose a way to estimate its kinetics form SMFS experiments.
Figure 8.1. Dynamic force spectroscopy of NhaA a-helix IX. Histograms of unfolding forces at
different pulling speeds demonstrate presence of two molecular fractions (a)-(c), which have
been assigned to free NhaA molecules and NhaA•AP complexes. Each distribution was fitted with
a double Gaussian curve (red lines) to estimate mean unfolding force for each fraction. Unfolding
force of the domain in free NhaA molecules demonstrates a linear increase with logarithm of the
loading rate (d), while unfolding of NhaA•AP complex demonstrated two linear regimes switching
at ~105 pN/s loading rate (e).
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Figure 8.2. Dynamic force spectroscopy of NhaA structural elements. Unfolding forces of a
helical hairpin (a), the substrate-binding site (b ), and a helical pair (c) demonstrated linear
dependence on loading rate suggesting that each domain crosses a single energy barrier prior
unfolding.
8.2. Comparative AFM study on Na+/H+ antiporters: proving the power
Comprehensive SMFS studies on NhaA presented above demonstrate the high potency of the
technique not only to probe stability of individual protein molecules, but also to characterize a
number of biologically important processes, as folding, functional (in-)activation, and interactions
with small molecules. To verify the results obtained on NhaA a comparative SMFS study has
been carried out on Na+/H+ antiporter NhaP from thermophylic archaebacteria Methanococcus
jannasshii 236. The protein performs electroneutral transport of ions through the membrane at pH
6.0-7.0. The sequence homology between these two antiporters is relatively low (~15%)‡, but the
available structural information suggests that their folds are similar 237. SMFS experiments are
carried out on 2D crystals of recombinant NhaP prepared in a co-laborating group of Prof. Werner
Kühlbrandt (MPI of Biophysics, Frankfurt/Main, Germany).
AFM imaging of the NhaP preparation showed rare membrane patches attached to mica surface.
As in case of NhaA, both membrane sheets and tubes were observed, but their dimensions were
not larger than a few microns (Fig. 8.3). Organization and dimensions of the crystal lattice
visualized by AFM (Fig. 8.3, inset) were in agreement with EM data. Moreover, in many cases
AFM allowed imaging NhaP preparations that were not suitable for EM studies because of their
low diffraction potential. Similarly to NhaA experiments, the AFM stylus then pulled individual
                                                 




Figure 8.3. Visualizing 2D crystals of NhaP
with AFM. Flat membranes containing
crystallized proteins (light patches) had
dimensions of several microns. Color scale is
25 nm. High-magnification imaging resoled
linear arrays of NhaP dimers (inset). Height
scale is 2.5 nm.
NhaP proteins out of the membrane and F-D traces were recorded. Like other membrane
proteins, NhaP molecules were able to withstand a significant mechanical stress. Single NhaP
molecule contains 425 aa residues, so the unfolding event should result in a force spectra of
~120 nm length. Indeed, about 10% of recorded F-D traces had the characteristic length, and
only one major class was found among these traces based on force peak positions (Fig. 8.4a).
Hydrophobicity-based structure of NhaP predicts that the protein consist of 13 transmembrane a-
helical domains, and only the C-terminal end of the molecule is exposed to the surface, while N-
terminus is embedded into the membrane (Fig. 8.4b). Apparently, only C-terminal end was
accessible to the AFM tip and was able to establish sufficiently strong linking bonds.
Observed unfolding barriers were located within NhaP molecules and demonstrated a good
agreement with the predicted structure of the protein (Fig. 8.3, green circles), as most peaks
could be assigned to unfolding of individual structural elements. Analysis of individual F-D traces
allowed resolving different unfolding pathways for every structural element of NhaP. Similarly to
NhaA, pair-wise unfolding of neighboring helices was a dominant pathway, but also multiple
intermediate steps were detected. Current SMFS experiments aim at detecting different functional
states of the protein and to locate those structural elements, which are involved in pH-activation.
Further, detection of interactions established between the protein and Na+ ions can be used to
reveal the ligand-binding site of the antiporter. I assume that in absence of the NhaP crystal
structure, AFM experiments may provide a wealth of information on protein interactions and the
ligand binding, thus complementing the ongoing structural studies.
8. Outlook
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Figure 8.4. Probing NhaP stability with
S M F S .  Initial experiments revealed
characteristic force spectrum of NhaP
unfolding (a). Each peak in the spectrum was
fitted with WLC model curves (red lines) to
determine length of stretched polypeptide
(numbers above). Analysis allowed locating
unfolding barriers within the presumed protein
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IC50 Inhibition constant [M]
kB Boltzmann constant (1.38*10-23 J/K)
kc Cantilever spring constant [N/m]
kfold Folding rate [molecules/s]
Km Michaelis-Menten constant [M]
ku Natural off-rate of a bond [molecules/s]
k Monomer spring constant [N/m]
l Monomer length [m]
L Polymer contour length [m]
Lc Cantilever length [m]
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lr Loading rate [N/s]
l Light absorption wavelength [m]
lD Debye length [m]
lJPK Laser emission wavelength (NanoWizard) [m]
lNS Laser emission wavelength (NanoScope) [m]
nm Number of monomers
nc Cantilever resonance frequency [Hz]
R Radius of coiled polymer [m]
Rs Surface-membrane distance [m]
r Material density [kg/m3]
s Surface charge density [C/m2]
T Temperature [K]
t Time [s]
tc Cantilever thickness [m]
tss Tip-sample separation [m]
wc Cantilever width [m]
xb Half-width of the potential barrier [m]
† 
Dx 2 Mean square deflection [m2]
Dx Cantilever deflection [m]
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